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Chapter 1 

Introduction 

1.1. Background 

A large number of clinically important drugs/ligands and antibiotics are believed 

to exert their primary biological action by means of interactions with biological 

macromolecules (lipid, protein, DNA etc) [1]. These recognition is usually driven 

by many weak interactions like van der Waals, hydrophobic, electrostatic and 

hydrogen bonding etc. leading to macromolecules-ligand complexation [2]. The 

drugs/ligands interact at the active site of biomolecules and efficient biological 

activity demands good geometric fit as suggested by Emil Fischer in the “lock and 

key”[3]. However, during last decades, it appeared that these concepts were 

insufficient to understand completely the mechanism of biomolecular recognitions 

[4, 5]. Indeed, the outcomes of these interactions were found to be depends on 

other factors and that are not currently accounted for, such as solvent polarity, 

temperature, effector, molecular crowding, and so on. Biomolecular recognition is 

also strongly influenced by the conformation and dynamics of the biological 

macromolecules and the environment in which the biomolecules are embedded. 

These dynamical behaviors is characterized by the thermodynamics (lifetimes of 

the conformational states, the relative populations and probabilities) and the 

kinetics (transition that leads to the population redistribution between these 

conformational states) of the macromolecules [6, 7]. Elucidating the role of 

conformation and dynamics of biological macromolecules and the time scales 

involved provide insights into the mechanism of molecular recognition [8]. A 

thorough knowledge of the structure and dynamics of macromolecules that 

command such molecular interactions can find immense use in the modulations of 
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the ligand-macromolecular recognition process which may have enormous 

application in medicine [9]. 

1.2. Dynamical Modulation of Macromolecules in Physiologically 

Relevant and Engineered Environments: 

The essential dynamics of any macromolecules is chemically implicit in its 

structure and is very well linked to its function [10]. The correlation between 

structure and dynamics allows the biological macromolecules to adapt and 

alternate its conformation as a response to environmental stimuli leading to 

differential molecular recognition at different times scale. The most striking 

conformational changes are often triggered by environmental changes (e.g., 

change in pH, temperature, ligand binding and external milieu). In recent study, 

enzyme-ligand interaction following two different pathways namely, 

conformational selection and induced-fit mechanisms were recognized at two 

different pH [11]. Similarly, the ultrafast dynamics (cis-trans isomerization) of 

small ligands dihydroindolizine (DHI) encapsulated in protein is found to be 

responsible for altered enzymatic activity [12]. However, several computational 

and experimental studies have revealed that hydration water also play a 

significant role in macromolecular dynamics and activity [13]. Beece et al. [14] and 

Frauenfelder et al. [15] anticipated that the water „„slaves‟‟ the biological molecule, 

in the sense that the biomolecule dynamics and activity are related to the solvent 

dynamics. Indeed, several results validated a strong coupling between structure of 

macromolecules and solvent dynamics [16, 17]. Recent studies of hydration 

dynamics suggest that interfacial water (hydration layer) molecules are constantly 

in exchange with outside bulk water and this dynamical exchange is extremely 

sensitive to the external environment such as molecular crowding, temperature, 

pressure, external stimuli, “etc.” [18, 19]. A thorough knowledge of the water 

dynamics, reactivity, and energetics of biological macromolecules e.g., protein, 
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DNA, lipids, reverse micelle (RM) etc. can find immense use in modulation of the 

biomolecular recognition. Moreover, water in protein interior, lipid bilayers, 

micropores of minerals exists mainly as isolated water molecules or small clusters 

and their dynamics and reactivity remains poorly understood in spite of their 

profound biological implications. This emphasizes investigation of ultrafast 

hydration dynamics, regulate by molecular crowding, interfacial charge, 

temperature, pH, etc. to understand the differential functionality of biological 

macromolecules.  

1.3. Scope of Spectroscopic Investigation on Structure, Function and 

Dynamics of Biological Macromolecules: 

It is well accepted that the dynamics of biological macromolecules (proteins, DNA, 

lipids etc.) plays a key role in their function. Yet, understanding the ultrafast 

dynamics of biological macromolecules remains a great challenge. The local 

flexibility and dynamical motion of macromolecules (protein, DNA, lipid, etc.) 

varies from femtosecond to several microseconds. Like, bond vibrations takes 

place in femtoseconds (10-15 s), side-chain rotations and loop motions occurs on 

picosecond (10-12 s), nanosecond (10-9 s), and microsecond (10-6 s) timescales. The 

larger conformational dynamics of macromolecules take place from several tens to 

hundreds of nanoseconds whereas allosteric regulation occurs on the microsecond 

timescale. The valuation of alteration in conformational dynamics due to a 

biomolecular recognition from molecular dynamics simulations remains a 

considerable challenge [20]. Experimental measurement of the conformational 

dynamics of biomolecules in their free and complexed states is therefore required. 

While, X-ray crystallography provides high-resolution structural information, 

however, it is usually unfavourable for understanding the dynamical properties of 

macromolecules. NMR spectroscopy proved to be a better source for studying the 

dynamics and flexibility of biomolecules, nevertheless, is only proficient to 
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monitored the relatively slow dynamical motions (millisecond to microsecond) 

rather fast dynamics (subpicosecond-nanosecond) of biomolecules [21]. Hence, 

ultrafast dynamics (femtosecond to nanosecond) of biomolecules is less explored 

and understood [20]. Fluorescence spectroscopic techniques including picosecond 

resolved fluorescence anisotropy, Förster resonance energy transfer (FRET) and 

time dependent stokes shift (TDSS), proved to be useful for exploring 

biomolecular dynamics over a broad time scale [22, 23].  

The key focus of this thesis is to understand the role of structure and 

ultrafast dynamics leading to differential biomolecular interactions. The structure 

and dynamics of the individual biomolecules play very crucial role in the 

biomolecular recognition processes. Several X-ray crystallography and NMR 

studies have been reported for the structural properties of the interface of some 

biologically active complexes [24, 25]. Very few studies on the interfacial dynamics 

of the biologically relevant complexes are reported with picosecond to nanosecond 

resolution. In this regard, to explore the coupling between ultrafast dynamics and 

functionality of lipids, we have performed the photo physical studies of coumarin 

500 and ANS in the lipid bilayer (DODAB) at different phases. While ANS 

corroborates hydration dynamics of head group region of lipids, C500 located 

deeper in the lipid follows dynamics of lipids bilayer. At low temperature, plants 

and cyanobacteria maintained their membrane fluidity by introducing 

unsaturation to the lipids. Hence, subsequently we have explored the role of 

unsaturated lipid (monoolein) in modulation of dynamics and membrane fluidity 

of DODAB at different phases. The encapsulation of unsaturated lipid monoolein 

to a cationic lipid DODAB not only alters the structural organization of the 

vesicles between multilamellar and inverted non-lamellar structures, but, also 

modulates its cell transfection efficiency [26]. Further to correlate the dynamics of 

structural relaxation of the DODAB:MO mixed vesicles with the transfection 

efficiency, the associated hydration dynamics was monitored at different 
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compositions of mixed vesicles. We have also tried to monitor the dynamical 

modulation of liposome by photoresponsive ligand dihydroindolizine for 

potential drug delivery application. Relaxation dynamics at the surface of 

biologically important macromolecules is important taking into account their 

functionality in molecular recognition. In this regard, we have used synthesized 

dye ACYMAN to study solvation dynamics of a model protein–surfactant 

interface. Similarly, the functionality of gene delivery vehicles i.e. the 

condensation of DNA with CTAB was monitored by labelling DNA with ethidium 

bromide and CTAB with nonyl acridine orange. Lastly, we have explored the role 

of hydration dynamics leading to its altered enzymatic activity. As the dilute 

solution experiments differ significantly from in vivo conditions as 40% volume of 

cytosol is occupied by a wide variety of macromolecules. In this regard, we have 

studies the hydrolysis of DNA by DNase I enzyme in presence of PEG 3350 as a 

molecular crowder. Finally we have studied the effect of differential hydration 

dynamics due to different charge reverse micelle leading to altered enzymatic 

activity of α-chymotrysin using a model microfluidics system equipped with a 

microscopic and spectroscopic attachment. 

1.4. Objective: 

Molecular recognition of biological macromolecules is crucial for almost every 

physiological process including mediation of cell motility, catalysis, cellular 

transport and for drug designing and for the discovery of new medicines to 

benefit human health. Recognition required flexibility of biomolecules as it aids 

conformational rearrangements and differential interaction leading to an altered 

activity [27, 28]. The objective of this thesis is to study the dynamical driven 

molecular recognition of various macromolecules (lipid, DNA, protein etc) in 

presence of external milieu.  
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In this regard, firstly, we have studied the dynamical flexibility and 

molecular recognition of the lipid bilayer of dioctadecyldimethylammonium 

bromide (DODAB) at different phases by using picosecond resolved fluorescence 

spectroscopy. While, hydrophobic dye coumarin 500 (C500) followed the 

dynamics of lipid bilayer, 8-anilino-1-naphthalenesulfonic acid ammonium salt 

(ANS) corroborates the hydration dynamics of lipid head group. Förster resonance 

energy transfer (FRET) between an anti-tuberculosis drug rifampicin and ANS 

depicts the differential molecular recognition of lipid bilayer at various 

temperatures. The objective is to rationalize the coupling between structural 

fluctuation and the dynamics of associated water molecules of DODAB lipids and 

their effect on molecular recognition. As membrane fluidity is crucial for various 

cellular functions, at lower temperature plants and cyanobacteria maintained its 

membrane fluidity by introducing unsaturation to the lipids. In this regard, to 

understand the effect of unsaturation on membrane fluidity, a unsaturated lipid 

monoolein has been used. The alteration of structural dynamics and phase 

behaviour of DODAB due to incorporation of unsaturated lipid monoolein (MO) 

has been observed by quasi-elastic neutron scattering (QENS) and picosecond 

resolved fluorescence spectroscopy. Lipid vesicles constituted of cationic lipid 

DODAB and neutral lipid monoolein are also found to be promising non-viral 

carriers of nucleic acids. Hence in this regard, we have correlated the structural 

dynamics of mixed DODAB- MO system with transfection efficiency at different 

concentration of MO. In another study, we have examined the role of 

photochromic ligand dihydroindolizine (DHI) on the dynamical modulation of 

liposome for controlled drug delivery application. Here we have validate that the 

structural conversion of DHI from closed to open isomer can fluctuate or defect 

the liposomal membrane by mechanical stress and leads to photoresponsive 

destabilization of liposome.  
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The investigation of the surface and interface of a biological macromolecule 

using a non-covalently bound fluorophore is quite challenging as they found to be 

displaced to bulk water upon complexation of the biological macromolecules. 

Hence for this purpose we have synthesized a fluorescent probe (derivative of 

acedan) namely 6-acetyl-(2-((4-hydroxycyclohexyl)(methyl)amino)naphthalene) 

(ACYMAN), for the investigation of a biological interface. We have used the 

noncovalent novel fluorescent dye ACYMAN to probe the H1–SDS interface, 

especially the structurally ordered water (SOW) and associated environmental 

dynamics upon structural transition from random coil to α-helix. Subsequently, 

we have also extended our studies to molecular recognition of the genomic DNA 

in the condensate with CTAB for potential gene delivery application. Time 

resolved fluorescence spectroscopy of EB intercalated to DNA clearly indicates 

some degree of perturbation to the intercalative binding of the genomic DNA in 

the condensate compared to that in aqueous solution. 

The ultrafast hydration dynamics in the close vicinity of biological 

macromolecules also play a crucial role in the functionalities of the 

macromolecules. In this regard, we have monitored the role of hydration 

dynamics on the enzymatic activity of DNase I using polyethylene glycol (PEG) as 

a crowding agent. The alteration in activity and binding of DNase I towards DNA 

in presence of molecular crowding was monitored by using time-resolved 

fluorescence spectroscopic techniques. While the fluorescence transients of EB 

intercalated to DNA indicates the extent of DNA hydrolysis by enzyme in 

presence and absence of PEG, FRET from ANS labelled DNase I to EB intercalated 

to DNA corroborates effective binding between enzyme and DNA in presence of 

molecular crowding. Finally we have studied molecular recognition and enzyme 

kinetics of α-chymotrypsin inside reverse micelle using a model microfluidics 

system equipped with a microscopic and spectroscopic attachment. While, 

enzyme kinetics of α-chymotrypsin follows conformational selection pathways 
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inside positive charge reverse micelles, whereas, molecular recognition inside 

negative charge reverse micelle dictates induced fit mechanisms. The alteration of 

interaction and dynamics of water molecules inside two oppositely charged 

reverse micelles as depicted by FTIR and time-resolved fluorescence 

measurements is found to be responsible for two different pathways of molecular 

recognition. 

1.5. Summary of the Work Done: 

1.5.1. Spectroscopic Studies on Dynamics-Driven Molecular 

Recognition of Biomimetic Systems: 

1.5.1.1. Modulation of Solvation and Molecular Recognition of a Lipid Bilayer 

under Dynamical Phase Transition [29]: The dynamic organization of lipid 

molecules both across the lipid bilayer and in the lateral dimension are known to 

be crucial for cellular transport and molecular recognition by important biological 

macromolecules. Here we study dilute (20 mM) Dioctadecyldimethylammonium 

bromide (DODAB) vesicles at different temperatures in aqueous dispersion with 

well-defined phases namely liquid crystalline, gel and subgel. The spectroscopic 

studies on two fluorescent probes 8-anilino-1-naphthalenesulfonic acid 

ammonium  salt (ANS) and Coumarin 500 (C500), former in the head group 

region of the lipid-water interface and later located deeper in the lipid bilayer 

follow dynamics (solvation and fluidity) of their local environments in the 

vesicles. Binding of an anti-tuberculosis drug rifampicin has also been studied 

employing Förster resonance energy transfer (FRET) technique. The molecular 

insight concerning the effect of dynamical organization of the lipid molecules on 

the local dynamics of aqueous environments in different phases leading to 

molecular recognition becomes evident in our study. 
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1.5.1.2. Unravelling the Role of Monoolein in Fluidity and Dynamical Response 

of a Mixed Cationic Lipid Bilayer [30]: The maintenance of cell membrane 

fluidity is of critical importance for various cellular functions. At lower 

temperature when membrane fluidity decreases, plants and cyanobacteria react by 

introducing unsaturation to the lipids so that the membranes return to a more 

fluidic state. To probe how introduction of unsaturation leads to reduced 

membrane fluidity a model cationic lipid Dioctadecyldimethylammonium 

bromide (DODAB) has been chosen, and the effects of an unsaturated lipid 

monoolein (MO) on the structural dynamics and phase behaviour of DODAB has 

been monitored by quasi-elastic neutron scattering (QENS) and time-resolved 

fluorescence measurements. In the coagel phase fluidity of the lipid bilayer 

increases significantly in presence of MO relative to pure DODAB vesicles and 

becomes manifest in significantly enhanced dynamics of the constituent lipids 

along with faster hydration and orientational relaxation dynamics of a 

fluorophore. On the contrary, MO restricts both lateral and internal motions of the 

lipid molecules in the fluid phase (>330K), which is consistent with relatively slow 

hydration and orientational relaxation dynamics of the fluorophore embedded in 

mixed lipid bilayer. The present study illustrates how incorporation of an 

unsaturated lipid at lower temperature (below phase transition) assists the model 

lipid (DODAB) in regulating fluidity via enhancement of dynamics of the 

constituent lipids. 

1.5.2. Spectroscopic Studies on Photosensitization of a Biomimetic 

System and its Interaction with Biological Cell Lines: 

1.5.2.1. Photo-triggered Destabilization of Nanoscopic Vehicles by 

Dihydroindolizine for Enhanced Anticancer Drug Delivery in Cervical 

Carcinoma [31]: The efficacy and toxicity of drugs depend not only on their 

potency but also on their ability to reach the target sites in preference to non-target 

sites. In this regards destabilization of delivery vehicles induced by light can be an 
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effective strategy for enhancing drug delivery with spatial and temporal control. 

Herein we demonstrate that the photoinduced isomerization from closed 

(hydrophobic) to open isomeric form (hydrophilic) of a novel DHI encapsulated in 

liposome leads to potential light-controlled drug delivery vehicles. We have used 

steady state and picosecond resolved dynamics of a drug 8-anilino-1-

naphthalenesulfonic acid ammonium salt (ANS) incorporated in liposome to 

monitor the efficacy of destabilization of liposome in absence and presence UVA 

irradiation. Steady state and picosecond resolved polarization gated spectroscopy 

including the well-known strategy of solvation dynamics and Fo  rster resonance 

energy transfer; reveal the possible mechanism out of various phenomena 

involved in destabilization of liposome. We have also investigated the therapeutic 

efficacy of doxorubicin (DOX) delivery from liposome to cervical cancer cell line 

HeLa. The FACS, confocal fluorescence microscopic and MTT assay studies reveal 

an enhanced cellular uptake of DOX leading to significant reduction in cell 

viability (∼40%) of HeLa followed by photoresponsive destabilization of liposome. 

Our studies successfully demonstrate that these DHI encapsulated liposomes have 

potential application as a smart photosensitive drug delivery system. 

1.5.3. Spectroscopic Studies on a Novel Fluorescence Probe for 

Interfacial Biomolecular Recognition: 

1.5.3.1. A Sensitive Fluorescence Probe for the Polar Solvation Dynamics at 

Protein- Surfactant Interface [32]: Relaxation dynamics at the surface of 

biologically important macromolecules is important taking into account of their 

functionality in molecular recognition. Over the years it has been shown that 

solvation dynamics of a fluorescence probe at biomolecular sufaces and interfaces 

account for the relaxation dynamics of polar residues and associated water 

molecules. However, the sensitivity of the dynamics depends largely on the 

localization and exposure of the probe. For noncovalent fluorescence probes, 
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localization at the region of interest in addition to the surface exposure, is an 

added challenge compared to the covalently attached probes at the biological 

interfaces. Here we have used a synthesized donor-acceptor type dipolar 

fluorophore, 6-acetyl-(2-((4-hydroxycyclohexyl) (methyl) amino) naphthalene 

(ACYMAN) for the investigation of solvation dynamics of a model protein-

surfactant interface. A significant structural rearrangement of a model Histone 

protein (H1) upon interaction with anionic surfactant sodium dodecyl sulphate 

(SDS) as revealed from the circular dichroism (CD) studies is nicely corroborated 

in the solvation dynamics of the probe at the interface. The polarization gated 

fluorescence anisotropy of the probe compared to that at the SDS micellar surface 

clearly reveals the localization of the probe at the protein-surfactant interface. We 

have also compared the sensitivity of ACYMAN with other solvation probes 

including Coumarin 500 (C500) and 4-(dicyanomethylene)-2-methyl-6-(p-

dimethylamino-styryl) 4H-pyran (DCM). In comparison to ACYMAN, both C500 

and DCM fail to probe the interfacial solvation dynamics of a model protein-

surfactant interface. While C500 is found to be delocalized from the protein-

surfactant interface, DCM becomes destabilized upon the formation of the 

interface (protein-surfactant complex).  

1.5.4. Spectroscopic Studies on DNA-Surfactant Interaction for a 

Specific Biological Function: 

1.5.4.1. Molecular Recognition of Genomic DNA in a Condensate with a Model 

Surfactant for Potential Gene-delivery Applications [33]: The functionality of a 

gene carrying nucleic acid in an artificial gene-delivery system is important for the 

overall efficiency of the vehicle in vivo. Here, we have studied a well-known 

artificial gene-delivery system, which is a condensate of calf thymus DNA (CT-

DNA) with a model cationic surfactant cetyltrimethylammonium bromide (CTAB) 

to investigate the molecular recognition of the genomic DNA in the condensate. 
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While dynamic light scattering (DLS) and circular dichroism reveal structural 

aspects of the condensate and the constituting DNA respectively, picosecond 

resolved polarization gated spectroscopy and Förster resonance energy transfer 

(FRET) reveal molecular recognition of the genomic DNA in the condensate. We 

have considered ethidium bromide (EB) and crystal violet (CV), which are well 

known DNA-binding agents through intercalative (specific) and electrostatic (non-

specific) interactions, respectively, as model ligands for the molecular recognition 

studies. A fluorescent cationic surfactant, Nonyl Acridine Orange (NAO) is 

considered to be a mimic of CTAB in the condensate. The excellent spectral 

overlap of NAO emission and the absorption spectra of both EB and CV allow us 

to investigate FRET-distances of the ligands with respect to NAO in the 

condensate at various temperatures and thermal stability of ligand-binding of the 

genomic DNA. The thermodynamic properties of the molecular recognition have 

also been explored using Van‟t Hoff equation. We have also extended our studies 

to molecular recognition of the genomic DNA in the condensate as dried thin 

films. This has important implications for its application in bioelectronics. 

1.5.5. Spectroscopic Studies on Protein-DNA Interaction in a 

Physiologically Relevant Environment: 

1.5.5.1. Ultrafast Spectroscopy on DNA-Cleavage by Endonuclease in Molecular 

Crowding [34]: The jam-packed intracellular environments differ the activity of a 

biological macromolecule from that in laboratory environments (in vitro) through 

a number of mechanisms called molecular crowding related to structure, function 

and dynamics of the macromolecule. Here, we have explored the structure, 

function and dynamics of a model enzyme protein DNase I in molecular crowing 

of polyethylene glycol (PEG; MW 3350). We have used steady state and 

picosecond resolved dynamics of a well-known intercalator ethidium bromide 

(EB) in a 20-mer double-stranded DNA (dsDNA) to monitor the DNA-cleavage by 
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the enzyme in absence and presence PEG. We have also labelled the enzyme by a 

well-known fluorescent probe 8-anilino-1-naphthalenesulfonic acid ammonium 

salt (ANS) to study the molecular mechanism of the protein-DNA association 

through exited state relaxation of the probe in absence (dictated by polarity) and 

presence of EB in the DNA (dictated by Förster resonance energy transfer (FRET)). 

The overall and local structures of the protein in presence of PEG have been 

followed by circular dichroism and time resolved polarization gated spectroscopy 

respectively. The enhanced dynamical flexibility of protein in presence of PEG as 

revealed from excited state lifetime and polarization gated anisotropy of ANS has 

been correlated with the stronger DNA-binding for the higher nuclease activity. 

We have also used conventional experimental strategy of agarose gel 

electrophoresis to monitor DNA-cleavage and found consistent results of 

enhanced nuclease activities both on synthetic 20-mer oligonucleotide and long 

genomic DNA from calf thymus. 

1.5.6. Spectroscopic Studies on Biomolecular Recognition of an 

Enzyme in a Model Engineered Environment: 

1.5.6.1. Modulation of Kinetic Pathways of Enzyme-Substrate Interaction in a 

Microfluidic Channel: Nanoscopic Water Dynamics as a Switch [35]: Enzyme 

mediated catalysis is attributed to enzyme-substrate interactions, with models 

such as induced fit and conformational selection emphasizing the role of protein 

conformational transitions. The dynamic nature of the protein structure, thus, 

plays a crucial role in molecular recognition and substrate binding. As large-scale 

protein motions are coupled to water motions, hydration dynamics plays a key 

role in protein dynamics, and hence, enzyme catalysis. Here, we have employed 

microfluidic techniques and time-dependent fluorescence Stokes shift (TDFSS) 

measurements to elucidate the role of nanoscopic water dynamics in the 

interaction of an enzyme, α-Chymotrypsin (CHT) with a substrate, Ala-Ala-Phe-7-
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amido-4-methylcoumarin (AMC) in the cationic reverse micelles of 

benzylhexadecyldimethylammonium chloride (BHDC/benzene) and anionic 

reverse micelles of sodium bis(2-ethylhexyl)sulfosuccinate (AOT/benzene). While 

the kinetic pathways unravelled from the microfluidic set-up is consistent with the 

„conformational selection‟ fit for the interaction of CHT with AMC in the cationic 

reverse micelles, an „induced fit‟ mechanism is indicated for the anionic reverse 

micelles. In the cationic reverse micelles of BHDC, faster hydration dynamics 

(~550 ps) aids the pathway of „conformational selection‟ whereas, in the anionic 

reverse micelles of AOT significantly slower dynamics of hydration (~1600 ps) 

facilitates an „induced fit mechanism for the formation of the final enzyme-

substrate complex. The role of water dynamics in dictating the mechanism of 

enzyme-substrate interaction becomes further manifest in neutral reverse micelles 

of Brij-30 and Triton X-100. In the former, faster water dynamics aids the 

„conformational selection‟ pathway, whereas significantly slower dynamics of 

water molecules in the latter becomes conducive to „induced fit‟ mechanism in the 

enzyme-substrate interaction. Thus, nanoscopic water dynamics acts as a switch in 

modulating the pathway of recognition of an enzyme (CHT) by the substrate 

(AMC) in reverse micelles. 

1.6. Plan of Thesis: 

The plan of the thesis is as follows: 

Chapter 1: This chapter gives a brief introduction to the scope and motivation 

behind the thesis work. A brief summary of the work done is also included in this 

chapter. 

Chapter 2: This chapter provides a brief overview of the steady-state and 

dynamical tools, the structural aspects of biologically important systems 

(biomimetic, proteins, DNA etc.) and fluorescent probes used in the experiments. 
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Chapter 3: Details of instrumentation, data analysis and experimental procedures 

have been discussed in this chapter. 

Chapter 4: In this chapter, the coupling between ultrafast dynamics and 

functionality of DODAB lipids at different phases has been investigated. The effect 

of monoolein (unsaturated lipid) in modulation of fluidity and dynamics of 

DODAB lipids have also been elaborated in this chapter.  

Chapter 5: Spectroscopic studies on photo-triggered destabilization of nanoscopic 

vehicles and its interaction with biological cell lines have been addressed in this 

chapter.  

Chapter 6: In this chapter, spectroscopic studies on a novel fluorescence probe for 

interfacial biomolecular recognition has been investigated. 

Chapter 7: Spectroscopic studies on DNA-Surfactant interaction for a specific 

biological function is elaborated in this chapter.  

Chapter 8: In this chapter, the role of hydration dynamics on the enzymatic 

activity of DNase I in presence of molecular crowding as a physiologically 

relevant environment has been investigated. 

Chapter 9: Spectroscopic studies on biomolecular recognition of an enzyme in a 

model engineered environment have been addressed in this chapter. 
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Chapter 2 

An Overview of Experimental Techniques and 

Systems 

In order to investigate the ultrafast processes involved in the course of study on 

structure, function and dynamics of biomolecules, different steady-state and 

dynamical tools have been employed. These include solvation dynamics, 

fluorescence anisotropy, Förster resonance energy transfer (FRET), determination 

of activation energy barrier using Arrhenius theory, diffusion studies, and circular 

dichroism (CD). In this chapter, brief discussions about these tools and an 

overview of various systems used in our studies have been provided. 

2.1. Steady-State and Dynamical Tools: 

2.1.1. Solvation Dynamics: 

2.1.1.1. Theory: Solvation dynamics refer to the process of reorganization of 

solvent dipoles around a dipole created instantaneously or an electron/proton 

injected suddenly in a polar liquid. In order to understand the meaning and scope 

of solvation dynamics, let us first visualize the physical essence of the dynamical 

process involved for a solute molecule in a polar solvent [1]. A change in the probe 

(solute) is made at time t=0, by an excitation pulse, which leads to the creation of a 

dipole. This dipole gives rise to an instantaneous electric field on the solvent 

molecules. The interaction of permanent dipoles of the solvent with the 

instantaneously created electric field, shifts the free energy minimum of the 

solvent to a non-zero value of the polarization. The solvent motion is crucial 

(Figure 2.1). Since the probe is excited instantaneously (a Franck-Condon 

transition as far as the nuclear degrees of freedom are concerned), the solvent 
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molecules at t=0 find themselves in a relatively high-energy configuration. 

Subsequently, the solvent molecules begin to move and rearrange themselves to 

reach their new equilibrium positions (Figure 2.2). The nuclear motion involved 

can be broadly classified into rotational and translational motions. 

When the solvent is bulk water, rotational motion would also include 

hindered rotation and libration, while translation would include the 

intermolecular vibration due to the extensive hydrogen bonding. The two specific 

motions, libration and intermolecular vibration, are relatively high in frequency 

and are expected to play a dominant role in the initial part of solvation [2]. The 

molecular motions involved are shown schematically in  

 

 

Figure 2.1. Schematic illustration of solvation of an ion (or dipole) by water. The neighboring 
molecules (numbered 1 and 2) can either rotate or translate to attain the minimum energy 
configuration. On the other hand, distant water molecule 3 can only rotate to attain minimum 
energy configuration. The field is shown as E0. The springs connected to the molecules are meant to 
denote hydrogen bonding. 
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Equation Chapter (Next) Section 2 

Figure 2.1, and in Figure 2.3 a typical solvation time correlation function is 

depicted. For clarity, we approximate the motions responsible for the decay in 

different regions. 

A simple way to address the dynamics of polar solvation is to start with the 

following expression for the solvation energy, Esolv(t) [3], 

 0

1
( ) ( ) ( , )

2
solvE t dr E r P r t     (2.1) 

 

 

Figure 2.2. Schematic representation of the potential energy surfaces involved in solvation 
dynamics showing the water orientational motions along the solvation coordinate together with 
instantaneous polarization P. In the inset we show the change in the potential energy along the 
intramolecular nuclear coordinate. As solvation proceeds the energy of the solute comes down 
giving rise to a red shift in the fluorescence spectrum. Note the instantaneous P, e.g., P(∞), on the 
two connected potentials. 

where E0(r) is the instantaneously created, position-dependent electric field from 

the ion or the dipole of the solute and P(r,t) is the position and time-dependent 

polarization. 
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The latter is defined by the following expression, 

 P(r,t) =  d ()  (r,,t)  (2.2) 

where () is the dipole moment vector of a molecule at position r, and  (r,,t) is 

the position, orientation and time-dependent density. Therefore, the time 

dependence of the solvation energy is determined by the time dependence of 

polarization that is in turn determined by the time dependence of the density. If 

the perturbation due to the probe on dynamics of bulk water is negligible, then the 

time dependence of polarization is dictated by the natural dynamics of the liquid. 

The theoretical analysis of the time-dependent density is usually carried out using 

a molecular hydrodynamic approach that is based on the basic conservation 

(density, momentum and energy) laws and includes the effects of intermolecular 

(both spatial and orientational) correlations. The latter provides the free energy 

surface on which solvation proceeds. The equation of motion of the density 

involves both orientational and translational motions of the solvent molecules. 

The details of the theoretical development are reported in literature [1], 

here we shall present a simple physical picture of the observed biphasic solvation 

dynamics. Within linear response theory, the solvation correlation function is 

directly related to the solvation energy as, 

 
2

(0) ( ) ( ) ( )
C(t)

(0) ( )

E E t E t E

E EE

 



  
 

 
  (2.3) 

where E is the fluctuation of solvation energy from the average, equilibrium 

value. Note that the equality in equation (2.3) indicates the direct relation for the 

average of the fluctuations over the equilibrium distribution (left) and the non-

equilibrium function (right) which relates to observables; without  E   the 

correspondence is clear, and  E   is rigorously the result of the equilibrium 

term in the numerator and for normalization in the denominator. 
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Figure 2.3. (a) A typical solvation time correlation function for water is shown here. The time 
correlation function exhibits three distinct regions: The initial ultrafast decay, an intermediate 
decay of about 200 fs and the last slow decay with time constant of 1 ps. The physical origin of each 
region is indicated on the plot itself; see text. (b) Green’s function G(X, t│X0) for population 
relaxation along the solvation coordinate (X) is plotted against time in femtosecond. In G, X0 is the 
initial position at t = 0. This Figure shows the position and time dependence of the population 
fluorescence intensity. At early times (when the population is at X1) there is ultrafast rise followed 
by an ultrafast decay. At intermediate times (when the population is at X2) there is a rise followed 
by a slow decay as shown by the green line. At long times when the population is nearly relaxed 
(position X3, red line) we see only a rise. 

The ultrafast component in the solvation time correlation function (see 

Figure 2.3.a), originates from the initial relaxation in the steep collective solvation 

potential. The collective potential is steep because it involves the total polarization 

of the system [1, 4]. This initial relaxation couples mainly to the hindered rotation 

(i.e., libration) and the hindered translation (i.e., the intermolecular vibration), 
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which are the available high frequency modes of the solvent; neither long 

amplitude rotation nor molecular translation are relevant here. The last part in the 

decay of the solvation correlation function involves larger amplitude rotational 

and translational motions of the nearest neighbor molecules in the first solvation 

shell. In the intermediate time, one gets contributions from the moderately 

damped rotational motions of water molecules. In a sense, with the above 

description one recovers the famous Onsager‘s ―inverse snow-ball‖ picture of 

solvation [5]. The slowest time constant is ~1 ps, which is determined by the 

individual rotational and translational motions of the molecules in the ―first 

solvation shell‖ nearly close to the probe. The femtosecond component is 

dominated by the high frequency hindered rotational and translational (vibration) 

polarization [6]. 

Figure 2.2 shows a schematic of the solvation potential and the orientational 

motions for the water molecules involved. From the shape of the potential, it can 

be seen that the transient behavior for the population during solvation should be a 

decay function on the blue edge of the spectrum and a rise function on the red 

edge. These wavelength-dependent features can be explained nicely within a 

generalized model of relaxation in which a Gaussian wave packet relaxes on a 

harmonic surface. The relaxation is non-exponential and a Green‘s function can 

describe the approach of the wave packet along the solvation coordinate, X, to its 

equilibrium value. For the general non-Markovian case it is given by [7], 
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  (2.4) 

where 2X  is the equilibrium mean square fluctuation of the polarization 

coordinate in the excited state surface, C(t) is the solvation correlation function 

described in equation (2.3) and X0 is the initial value of the packet on the solvation 

coordinate. Equation (2.4) describes the motion of the wave packet (polarization 

density) beginning at t = 0 (X0) as a delta function and according to the solvation 
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time correlation function. As t  ∞, C(t)  0 and we recover the standard 

Gaussian distribution. Initially, (t → 0), the exponential is large, so the decay is 

ultrafast, but at long times, the relaxation slows down, ultimately to appear as a 

rise. In Figure 2.3.b, we present calculations of G(X, t│X0) at different positions 

along the solvation coordinate giving decays at X1 and X2, but with different time 

constants, and a rise at X3, as demonstrated experimentally. 

2.1.1.2. Experimental Methods: In order to study solvation stabilization of a probe 

in an environment, a number of fluorescence transients are taken at different 

wavelengths across the emission spectrum of the probe. As described earlier, blue 

and red ends of the emission spectrum are expected to show decay and rise, 

respectively in the transients. The observed fluorescence transients are fitted by 

using a nonlinear least square fitting procedure to a function, 
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comprising of convolution of the instrument response function (IRF) (E(t)) with a 

sum of exponentials, 
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with pre-exponential factors (Bi), characteristic lifetimes (i) and a background (A). 

Relative concentration in a multiexponential decay is finally expressed as; 
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The relative contribution of a particular decay component (fn) in the total 

fluorescence is defined as, 
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The quality of the curve fitting is evaluated by reduced chi-square (0.9-1.1) and 

residual data. The purpose of the fitting is to obtain the decays in an analytical 

form suitable for further data analysis. 

To construct time resolved emission spectra (TRES) we follow the technique 

described in references [8]. As described above, the emission intensity decays are 

analyzed in terms of the multiexponential model, 

       
1

, exp
N

i i

i

I t t    


    (2.9) 

where i() are the pre-exponential factors, with i() = 1.0. In this analysis we 

compute a new set of intensity decays, which are normalized so that the time-

integrated intensity at each wavelength is equal to the steady-state intensity at that 

wavelength. Considering F() to be the steady-state emission spectrum, we 

calculate a set of H() values using, 
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which for multiexponential analysis becomes, 
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Then, the appropriately normalized intensity decay functions are given by, 

   
1

''( , ) ( ) ( , ) ( ) exp - /
N

i
ii
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where i() = H()i(). The values of I(,t) are used to calculate the intensity at 

any wavelength and time, and thus the TRES. The values of the emission maxima 

and spectral width are determined by nonlinear least-square fitting of the spectral 

shape of the TRES. The spectral shape is assumed to follow a lognormal line shape 

[8, 9], 
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with α = [2b(-max)]/Δ, where I0 is amplitude, max is the wavenumber of the 

emission maximum and spectral width is given by, Г=Δ(sinh(b)/b). The terms b 

and Δ are asymmetry and width parameters, respectively and equation (2.9) 

reduces to a Gaussian function for b=0. 

The time-dependent fluorescence Stokes shifts, as estimated from TRES are 

used to construct the normalized spectral shift correlation function or the solvent 

correlation function C(t) and is defined as, 
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where, (0)ν , ( )ν t  and ( )ν   are the emission maxima (in cm-1) of the TRES at time 

zero, t and infinity, respectively. The ( )ν   value is considered to be the emission 

frequency beyond which insignificant or no spectral shift is observed. The C(t) 

function represents the temporal response of the solvent relaxation process, as 

occurs around the probe following its photoexcitation and the associated change 

in the dipole moment. 

In order to further investigate possible heterogeneity in the positional 

distribution of fluoroprobes at the interfaces of biomimicking self-assemblies we 

follow time-resolved area normalized emission spectroscopy (TRANES), which is 

a well-established technique [10] and is a modified version of TRES. TRANES 

were constructed by normalizing the area of each spectrum in TRES such that the 

area of the spectrum at time t is equal to the area of the spectrum at t = 0. A useful 

feature of this method is the presence of an isoemissive point in the spectra 

involves emission from two species, which are kinetically coupled either 

irreversibly or reversibly or not coupled at all. 
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2.1.2. Fluorescence Anisotropy: Anisotropy is defined as the extent of polarization 

of the emission from a fluorophore. Anisotropy measurements are commonly 

used in biochemical applications of fluorescence. It provides information about the 

size and shape of proteins or the rigidity of various molecular environments. 

Anisotropy measurements have also been used to measure protein-protein 

associations, fluidity of membranes and for immunoassays of numerous 

substances. These measurements are based on the principle of photoselective 

excitation of those fluorophore molecules whose absorption transition dipoles are 

parallel to the electric vector of polarized excitation light. In an isotropic solution, 

fluorophores are oriented randomly. However, upon selective excitation, partially 

oriented population of fluorophores with polarized fluorescence emission results. 

The relative angle between the absorption and emission transition dipole 

moments determines the maximum measured anisotropy (r0). The fluorescence 

anisotropy (r) and polarization (P) are defined by, 
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where the fluorescence intensities of vertically and horizontally polarized 

emission when the fluorophore is excited with vertically polarized light. 

Polarization and anisotropy are interrelated as, 
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Although polarization and anisotropy provides the same information, anisotropy 

is preferred since the latter is normalized by total fluorescence intensity 

)2(  III IIT and in case of multiple emissive species anisotropy is additive 

while polarization is not. Several phenomena, including rotational diffusion and 

energy transfer, can decrease the measured anisotropy to values lower than 
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maximum theoretical values. Following a pulsed excitation the fluorescence 

anisotropy, r(t) of a sphere is given by, 

    0 exp rotr t r t     (2.19) 

where r0 is the anisotropy at time t = 0 and τrot is the rotational correlation time of 

the sphere. 

2.1.2.1. Theory: For a radiating dipole the intensity of light emitted is proportional 

to the square of the projection of the electric field of the radiating dipole onto the 

transmission axis of the polarizer. The intensity of parallel and perpendicular 

projections are given by, 

   2, cosIII      (2.20) 

   2 2, sin sinI        (2.21) 

where  and  are the orientational angles of a single fluorophore relative to the z 

and y-axis, respectively (Figure 2.4.a). In solution, fluorophores remain in random 

distribution and the anisotropy is calculated by excitation photoselection. Upon 

photoexcitation by polarized light, the molecules having absorption transition 

moments aligned parallel to the electric vector of the polarized light have the 

highest probability of absorption. For the excitation polarization along z-axis, all 

molecules having an angle  with respect to the y-axis will be excited. The 

population will be symmetrically distributed about the z-axis. For experimentally 

accessible molecules, the value of  will be in the range from 0 to 2 with equal 

probability. Thus, the  dependency can be eliminated. 
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   2and cosIII     (2.23) 
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Consider a collection of molecules oriented relative to the z-axis with probability 

f(). Then, measured fluorescence intensities for this collection after 

photoexcitation are, 

  
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III f θ θdθ k θ    (2.25) 
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where f()d is the probability that a fluorophore is oriented between  and  + d 

and is given by, 

   2cos sinf d d       (2.27) 

k is the instrumental constant. Thus, the anisotropy (r) is defined as, 
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when  = 54.70 i.e. when cos2 = 1/3, the complete loss of anisotropy occurs. Thus, 

the fluorescence taken at  = 54.70 with respect to the excitation polarization is 

expected to be free from the effect of anisotropy and is known as magic angle 

emission. For collinear absorption and emission dipoles, the value of <cos2> is 

given by the following equation,  
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  (2.29) 

Substituting equation (2.27) in equation (2.29) one can get the value of <cos2> = 

3/5 and anisotropy value to be 0.4 (from equation (2.28)). This is the maximum 

value of anisotropy obtained when the absorption and emission dipoles are 

collinear and when no other depolarization process takes place. However, for 

most fluorophore, the value of anisotropy is less than 0.4 and it is dependent on 

the excitation wavelength. It is demonstrated that as the displacement of the 
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absorption and emission dipole occurs by an angle  relative to each other, it 

causes further loss of anisotropy (reduction by a factor 2/5) [11] from the value 

obtained from equation (2.28). Thus, the value of fundamental anisotropy, r0 is 

given by, 
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  (2.30) 

For any fluorophore randomly distributed in solution, with one-photon excitation, 

the value of r0 varies from -0.20 to 0.40 for   values varying from 900 to 00. 

 

Figure 2.4. (a) Emission intensity of a single fluorophore (blue ellipsoid) in a coordinate system. 
(b) Schematic representation of the measurement of fluorescence anisotropy. 

2.1.2.2. Experimental Methods: For time resolved anisotropy (r(t)) measurements 

(Figure 2.4.b), emission polarization is adjusted to be parallel and perpendicular to 

that of the excitation polarization. Spencer and Weber [12] have derived the 

relevant equations for the time dependence of  III t  (equation (2.31)) and  I t  

(equation (2.32)) for single rotational and fluorescence relaxation times, τrot and f, 

respectively, 

       0exp 1 2 expII f rotI t t r t       (2.31) 

       0exp 1 expf rotI t t r t        (2.32) 

The total fluorescence is given by, 

          02 3exp expII f fF t I t I t t F t         (2.33) 

The time dependent anisotropy, r(t) is given by, 
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F(t) depends upon f and r(t) depends upon rot so that these two lifetimes can be 

separated. This separation is not possible in steady-state measurements. It should 

be noted that the degree of polarization (P) is not independent of f and is 

therefore not as useful quantity as r. For reliable measurement of r(t), three 

limiting cases can be considered. 

(a) If f < rot, the fluorescence decays before the anisotropy decays, and hence 

only r0 can be measured. 

(b) If rot < f, in contrast to steady-state measurements, τrot can be measured in 

principle. The equations (2.31) and (2.32) show that the decay of the parallel 

and perpendicular components depends only upon τrot. The only 

experimental disadvantage of this case is that those photons emitted after 

the period of a few times rot cannot contribute to the determination of τrot, 

but provided the signal-to-noise ratio is favorable, this need not be of great 

concern. 

(c) If rot  f, then it becomes the ideal situation since almost all photons are 

counted within the time (equal to several rotational relaxation times) in 

which r(t) shows measurable changes. 

For systems with multiple rotational correlation times, r(t) is given by, 
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r t r e
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    (2.35) 

where 1i

i

   It should be noted that the instrument monitoring the 

fluorescence, particularly the spectral dispersion element, responds differently to 

different polarizations of light, thus emerging the need for a correction factor. For 

example, the use of diffraction gratings can yield intensities of emission, which 

depend strongly upon orientation with respect to the plane of the grating. It is 
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inevitably necessary when using such instruments to correct for the anisotropy in 

response. This instrumental anisotropy is usually termed as G-factor (grating 

factor) and is defined as the ratio of the transmission efficiency for vertically 

polarized light to that for horizontally polarized light )(  IIG II . Hence, values 

of fluorescence anisotropy, r(t) corrected for instrumental response, would be 

given by [13], 
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  (2.36) 

The G-factor at a given wavelength can be determined by exciting the sample with 

horizontally polarized excitation beam and collecting the two polarized 

fluorescence decays, one parallel and other perpendicular to the horizontally 

polarized excitation beam. G-factor can also be determined following longtime tail 

matching technique [14]. If rot < f, it can be seen that the curves for  III t  and 

 I t  should become identical. If in any experiment they are not, it can usually be 

assumed that this is due to a nonunitary G-factor. Hence normalizing the two 

decay curves on the tail of the decay eliminates the G-factor in the anisotropy 

measurement. 

2.1.3. Estimation of Microviscosity from Stokes-Einstein-Debye Equation: The 

interfacial microviscosity, m as experienced by probe molecule in the 

biological/biomimicking systems like protein cavities, reverse micelle/micelle, 

can be estimated from the time-resolved fluorescence anisotropy using the 

modified Stokes-Einstein-Debye equation (SED) [13, 14], 

 m h
r

B

η V
τ

k T
   (2.37) 

where kB is the Boltzmann constant, T is the absolute temperature. Hydrodynamic 

volume of the probe (Vh) can be calculated as: 

 
h mV V fC   (2.38) 
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where f is the shape factor (f = 1 for a spherical probe) and C represents solute-

solvent coupling constant (C = 1 for ―stick‖ condition and C < 1 for ―slip‖ 

condition) and Vm is the molecular volume of the probe [15]. In case of f = C = 1, 

equation (2.37) reduces to the original simple SED equation, 

 m m
r

B

η V
τ

k T
   (2.39) 

For probe molecules with prolate ellipsoid shape, the value of f is calculated using 

the equation [13, 14], 
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where p is the axial ratio (ratio of minor axis to major axis) of the prolate ellipsoid. 

The energy barrier, Eη for the viscous flow is estimated according to the relation 

[16], 

 0 exp( )
η

m

E
η η

RT
   (2.41) 

2.1.4. Arrhenius Theory of Activation Energy: The dynamics of solvation at a 

biomolecular interface can be exploited to give information about the energetics of 

the participating water molecules [3]. Water present at the surface of biomolecules 

or biomimetic can broadly be distinguished as bound type (water hydrogen 

bonded to the interface, BW) and free type water (FW). In the water layer around 

the surface, the interaction with water involves hydrogen bonding to the polar and 

charged groups of the surface. When strongly bonded to the biomacromolecules 

or biomimicking surfaces, the water molecules cannot contribute to solvation 

dynamics because they can neither rotate nor translate. However, hydrogen 

bonding is transient and there exists a dynamic equilibrium between the free and 

the bound water molecules. The potential of the interaction can be represented by 

a double-well structure to symbolize the processes of bond breaking and bond 

forming. In general, the bonded water molecules become free by translational and 
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rotational motions. The equilibrium between bound and free water can be written 

as [16], 

 (water)free state ↔ (water)bound state (2.42) 

Using the dynamic exchange model, an expression for this equilibrium can be 

derived. In a coupled diffusion-reaction equation the rate constant k± can be 

written as, 

 2 1/20.5[ ( 4 ) ]R bfk B B D k       (2.43) 

 

 

Figure 2.5. Schematic representation of different types of water molecules (BW and FW) present at 
various bimolecular interfaces and the corresponding activation energy barrier. 

where B = 2DR+kbf+kfb and DR is the rotational diffusion constant, kbf is the rate 

constant of the bound to free transition and kfb is that of the reverse process. 

Typically, the rate constant of free to bound reaction, is larger than that for the 

reverse process. It can be shown that, when the rates of interconversion between 

―bound‖ and ―free‖ water molecules are small as compared to 2DR, then, 

 1

slow bfk    (2.44) 
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and from the activated complex theory one can have, 

 0( / ) exp( / )bf Bk k T h G RT    (2.45) 

If the transition process (equation (2.42)) follows a typical Arrhenius type of 

energy barrier crossing model, one can write, 

 1 exp( )slow bf actk A E RT       (2.46) 

where ‗Eact‘ is the activation energy for the transition process and ‗A‘ is the pre-

exponential factor. A plot of ln(1/slow) against 1/T produces a straight line and from 

the slope of the line Eact can be calculated. The temperature dependence of the 

solvation follows the Arrhenius equation and yields the activation energy needed 

for the conversion of bound and free forms [17]. 

2.1.5. Förster Resonance Energy Transfer (FRET): FRET is an electrodynamic 

phenomenon involving the nonradiative transfer of the excited state energy from 

the donor dipole (D) to an acceptor dipole (A) in the ground state (Figure 2.6.a). 

FRET has got wide applications in all fluorescence applications including medical 

diagnostics, DNA analysis and optical imaging. Since FRET can measure the size 

of a protein molecule or the thickness of a membrane, it is also known as 

‗spectroscopic ruler‘ [18]. FRET is very often used to measure the distance between 

two sites on a macromolecule [19]. Basically, FRET is of two types: (i) homo-

molecular FRET and (ii) hetero-molecular FRET. In the former case the same 

fluorophore acts both as energy donor and acceptor, while in the latter case two 

different molecules act as donor and acceptor. 

Each donor-acceptor (D-A) pair participating in FRET is characterized by a 

distance known as Förster distance (R0) i.e., the D-A separation at which energy 

transfer is 50% efficient. The R0 value ranges from 20 to 60 Å. The rate of resonance 

energy transfer (kT) from donor to an acceptor is given by [20], 

 
6

01
T

D

R
k

r

 
  

 
  (2.47) 



38 
 

where D is the lifetime of the donor in the absence of acceptor and r is the donor 

to acceptor (D-A) distance. The rate of transfer of donor energy depends upon the 

 

 

Figure 2.6. (a) Schematic illustration of the FRET process. (b) Dependence of the orientation factor 

2 on the directions of the emission and absorption dipoles of the donor and acceptor, respectively. 

extent of overlap of the emission spectrum of the donor with the absorption 

spectrum of the acceptor (J()), the quantum yield of the donor (QD), the relative 

orientation of the donor and acceptor transition dipoles (2) and the distance 

between the donor and acceptor molecules (r) (Figure 2.6.b). In order to estimate 

FRET efficiency of the donor and hence to determine distances between donor-

acceptor pairs, the methodology described below is followed [21]. R0 is given by, 

  
1 6

2 4

0 0.211  (in  Å)DR n Q J       (2.48) 

where n is the refractive index of the medium, QD is the quantum yield of the 

donor and J() is the overlap integral. 2 is defined as, 

    
2 22 cos 3cos cos sin sin cos 2cos cosT D A D A D A              (2.49) 

where T is the angle between the emission transition dipole of the donor and the 

absorption transition dipole of the acceptor, D and A are the angles between 

these dipoles and the vector joining the donor and acceptor and  is angle between 

the planes of the donor and acceptor (Figure 2.6.b).2 value can vary from 0 to 4. 

For collinear and parallel transition dipoles, 2 = 4; for parallel dipoles, 2 = 1; and 
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for perpendicularly oriented dipoles, 2 = 0. For donor and acceptors that 

randomize by rotational diffusion prior to energy transfer, the magnitude of 2 is 

assumed to be 2/3. However, in systems where there is a definite site of 

attachment of the donor and acceptor molecules, to get physically relevant results, 

the value of 2 has to be estimated from the angle between the donor emission and 

acceptor absorption dipoles [20]. J(), the overlap integral, which expresses the 

degree of spectral overlap between the donor emission and the acceptor 

absorption, is given by, 
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where FD() is the fluorescence intensity of the donor in the wavelength range of  

to +d and is dimensionless. A() is the extinction coefficient (in M-1cm-1) of the 

acceptor at . If  is in nm, then J() is in units of M-1 cm-1 nm4. 

Once the value of R0 is known, the efficiency of energy transfer can be 

calculated. The efficiency of energy transfer (E) is the fraction of photons absorbed 

by the donor which are transferred to the acceptor and is defined as, 
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For D-A systems decaying with multiexponential lifetimes, E is calculated from 

the amplitude weighted lifetimes i i

i

    of the donor in absence (D) and 

presence (DA) of the acceptor as, 

 1 DA
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E
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
    (2.53) 

The D-A distances can be measured using equations (2.52) and (2.53). 
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2.1.5.1. Distance Distribution between Donor and Acceptor: Distance 

distribution between donor and acceptor was estimated according to the 

procedure described in the literature [21, 22]. The observed fluorescence transients 

of the donor molecules in absence of acceptor were fitted using a nonlinear least-

squares fitting procedure (software SCIENTIST) to the following function, 
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which comprises the convolution of the instrument response function (IRF) ((E(t)) 

with exponential ( ( ) exp( / ))Di Di

i

p t t   . The convolution of the distance 

distribution function P(r) in the fluorescence transients of donor in presence of 

acceptor in the system under studies is estimated using the same software 

(SCIENTIST) in the following way. 

The intensity decay of D-A pair, spaced at a distance r, is given by  
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and the intensity decay of the sample considering distance distribution probablity 

function, P(r) is given by, 

 
0

( ) ( ) ( , )DA DA

r

I t P r I r t dr




    (2.56) 

where P(r) consist of the folowing terms: 
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  (2.57) 

In this equation r  is the mean of the Gaussian with a standard deviation of σ. 

Usually distance distributions are described by the full width at half maxima (hw). 

This half width is given by hw = 2.354σ. 

2.1.6. Circular Dichroism (CD): CD is now a routine tool in many laboratories 

with applications to determine whether a chiral molecule has been synthesized or 
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resolved into pure enantiomers and probing the structures of biomolecules, in 

particular determining the -helical content of proteins [22, 23]. 

2.1.6.1. Theory: When a plane polarized light passes through an optically active 

substance, not only do the left (L) and right (R) circularly polarized light rays 

travel at different speeds, cL≠cR, but these two rays are absorbed to a different 

extent, i.e. AL≠AR. The difference in the absorbance of the left and right circularly 

polarized light, i.e., A=AL-AR, is defined as circular dichroism (CD). Circular 

dichroism spectroscopy follows Beer-Lambert law. If I0 is the intensity of light 

incident on the cell, and I, that of emergent light, then absorbance is given by,  
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  (2.58) 

i.e., A is proportional to concentration (c) of optically active substance and optical 

path length (l). If ‗c‘ is in moles litre-1 and ‗l‘ is in cm, then  is called the molar 

absorptivity or molar extinction coefficient. In an optically active medium, two 

absorbances, AL and AR are considered, where  10 0logL LA I I  and 

 10 0logR RA I I . At the time of incidence on the sample, intensity of left and right 

circularly polarized light are same, i.e. I0=IL=IR. Any dicrograph passes 

periodically changing light through the medium, oscillating between left and right 

circular polarization, and the difference in absorbances are recorded directly. 
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  A cl     (2.60) 

As seen from equation (2.59), I0 does not appear in this final equation, so there is 

no need for a reference beam. The instruments are, therefore, of single beam type. 

After passing through an optically active substance, light is changed in two 

aspects. The maximal amplitude of intensity is no longer confined to a plane; 
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instead it traces out an ellipse. Ellipticity is defined as the arctangent of the ratio of 

minor axis to the major axis of the ellipse (Figure 2.7). The orientation of ellipse is 

another aspect. The major axis of the ellipse no longer remains parallel to the 

polarization of the incident light. Thus, after passing through an optically active 

substance, neither do the absorbance nor do the radii of the emergent left and 

right circularly polarized light remains same. Hence, CD is equivalent to 

ellipticity.  

 

Figure 2.7. (a) Left (L) and right (R) circularly polarized light component having same intensities 
and phases lying in one plane and oscillating with same magnitude, (b) R component being less 
intense (more absorbed) than L component leading to elliptically polarized light and (c) 

ellipticity is the angle made by semi-major and semi-minor axes of the ellipse. The major axis has 

rotated through angle  corresponding to optical rotation. 

Most of the CD spectropolarimeters, although they measure differential 

absorption, produce a CD spectrum in units of ellipticity ( )θ expressed in milli-

degrees versus , rather than A versus . The relation between ellipticity and CD 

is given by, 

 
 2.303 180

 (in degrees)
4

L RA A




  
   (2.61) 

to compare the results from different samples, optical activity is computed on a 

molar or residue basis. Molar ellipticity, [] is defined as, 

  
cl


    (2.62) 
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where ( )θ  is in degrees, ‘c’ is in moles per litre and ‘l’ is in cm. The unit of molar 

ellipticity is deg. M-1 cm-1. Sometimes, CD is reported as LR. From Beer-

Lambert law and molar ellipticity relation it can be shown that, 

   3300.     (2.63) 

2.1.6.2. Experimental Methods: In biophysical studies, CD is mostly used to 

determine the secondary structures of proteins and nucleic acids and the changes 

in secondary structures upon recognition by small molecules and other 

biomolecules. Through CD spectropolarimeter, we obtain CD spectrograph 

having a plot of optical rotation in millidegrees versus wavelength in nm. In order 

to obtain information about the secondary structures of proteins, the graph is 

fitted with non-linear least square fitting method using freely available software. 

The percentages of different secondary structures are calculated by matching the 

experimental data with that of reference standard. In proteins, the secondary 

structural content includes helix, sheet, turn and random coil while for 

DNA, CD is used to determine the structures of different A, B, Z and condensed 

forms of DNA. The CD spectrum of helix contains two negative peaks, one at 

208 nm (* transition) and 222 nm (n* transition). sheet has a negative band 

at 216 nm and a positive band of similar magnitude at 195 nm. turn has weak 

negative peak at 225 nm (n* transition), a strong positive peak between 200 nm 

and 205 nm due to * transition and a strong negative band between 180 nm 

and 190 nm. Random coil or unordered conformation has a strong negative band 

below 200 nm; a positive band at 218 nm and in some cases has a very weak 

negative band at 235 nm. A positive band centered at 275 nm and a negative band 

at 240 nm with crossover at 258 nm characterizes B-DNA. 

2.1.7. Microfluidics Theory: The flow of a fluid through a microfluidic channel 

can be characterized by the Reynolds number, defined as, 
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
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where L is the most relevant length scale, µ is the viscosity,  is the fluid density, 

and Vavg is the average velocity of the flow. For microchannels, L is equal to 4A/P 

where A is the cross sectional area of the channel and P is the wetted perimeter of 

the channel. Due to the small dimensions of microchannels, the Re is usually much 

less than 100. In this Reynolds number regime, flow is completely laminar and no 

turbulence occurs. The transition to turbulent flow generally occurs in the range of 

Reynolds number 2000. Laminar flow provides a means by which molecules can 

be transported in a relatively predictable manner through microchannels. 

Due to laminar flow in the microchannel, the transport of the mass of the 

subjected species within the microchannel follows the diffusion law. Figure 2.9 

depicts the molecular diffusion of the species under study in the microchannel. 

The diffusion coefficient is estimated according to the procedure described by in 

the literature [24]. Considering the two-dimensional diffusion law, Einstein‘s 

equation of Brownian motion states that, 

 
2

2

d

D
    (2.65) 

where, d is the root mean square distance traversed by a molecule during the time 

interval for a given diffusion coefficient D. 

The kinetics of molecular recognition/interaction was analyzed by 

measuring the fluorescence intensity of fluoroprobe along the microchannel. For a 

single step first order reaction, reactants will produce products as follows: 

Reactants kProducts 

The rate equation can be written as [25], 

 (1 )ktx a e    (2.66) 
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where, ‘x’ corresponds to the product concentration at time t and k is the first-order rate 

constant. Considering a reaction having an intermediate step, i.e. PIA kk  21 , the 

product concentration at time, t would be [26], 
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  (2.67) 

 

 
Figure 2.8. Graphical representation of turbulent and laminar flow within a microchannel. 

Where, ‘a’ denotes the initial concentration at time t=0 and k1, k2 are the respective rate 

constants. The precision of the measurement of the kinetics parameter will depend on the 

uniformity and accuracy of the flow velocity and the signal-to-noise ratio in the 

fluorescence measurement. 

Moreover, concentrations of the unbound substrate and the intermediate can be 

written in terms of the following equations,  
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            (2.68) 
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As the concentration of A decreases, its rate of transformation into B decreases as 

well; at the same time the rate of conversion of B to C increases as more B is 
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formed with progress in time, so a maximum concentration of B is reached at a 

time given by 

12

21 )/ln(

kk

kk
t


          (2.70) 

 

Figure 2.9. Measurement of the diffusion of the subjected species by monitoring the spreading 
width at different time interval is graphically represented. 

2.2. Systems: 

2.2.1. Organized Assemblies (biomimetics): Amphiphilic molecules like 

surfactant and lipids aggregates to form macromolecular assemblies, like micelles, 

reverse micelles and vesicles, which very often resemble the structural properties 

of biomolecules. In the following section, we will discuss about these entities. 

2.2.1.1. Micelles: Micelles are spherical or nearly spherical aggregates of 

amphiphilic surfactant molecules formed in aqueous solution above a 

concentration known as critical micellar concentration (CMC). Micelles are formed 

above a critical temperature called ―Kraft point‖ which is different for different 

surfactants. Micellar aggregates have diameter varying within 10 nm and the 

aggregation number, i.e., the number of surfactant molecules per micelle, ranges 

from 20 to 200. Israelachvili et al. [27] have proposed that surfactant molecular 

packing considerations are determinant in the formation of large surfactant 
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aggregates. In particular, it is considered that the surfactant packing parameter  

(=/l, where  is the surfactant molecular volume, is the area per polar head, 

and l is the length of hydrophobic part) gives a good idea of the shape of 

aggregates which will form spontaneously [28]. Micelles can be both neutral 

(triton X-100) and ionic (sodium dodecyl sulfate, SDS (anionic) and cetyl trimethyl 

ammonium bromide, CTAB (cationic)). The structure of a typical micelle is 

schematically shown in Figure 2.10. The core of a micelle is essentially ―dry‖ and 

consists of the hydrocarbon chains with the polar and charged head groups  

 

 
Figure 2.10. The schematic representation of the structure of a micelle. 

projecting outward toward the bulk water. The stern layer, surrounding the core, 

comprises of the ionic or polar head groups, bound counter ions and water 

molecules. Between the stern layer and the bulk water there is a diffused Guoy-

Chapman (GC) layer, which contains the free counter ions and water molecules. 

Small angle X-ray and neutron scattering have provided detailed information on 

the structure of the CTAB micelles [29, 30]. According to these studies, CMC and 

aggregation number of CTAB micelle are 0.8 mM and 52 respectively and the 

thickness of the stern layer is 6-9 Å. The overall radius of CTAB micelle is about 50 

Å. For TX-100 micelle, the CMC, thickness of the palisade layer and overall radius 

of the hydrophobic core are reported to be 0.1 mM, 51 Å and 25-27 Å, respectively 

and that of SDS micelles are 8.6 mM, 33 Å and 5 Å, respectively. 
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2.2.1.2. Reverse Micelles: Reverse micelles (RMs) or water-in-oil microemulsions 

(Figure 2.11) are nanopools of polar solvent protected by a monolayer of 

surfactant molecules at the periphery with polar head groups pointing inward 

into the polar solvent, and the hydrocarbon tails directed toward the non-polar 

organic solvents [31]. RMs with water nanopools resemble the water pockets 

found in various bio-aggregates such as proteins, membranes, and mitochondria. 

Thus, these systems are very often considered as templates for the synthesis of 

nanoparticles and as excellent biomimetic for exploration of biological membranes 

and biologically confined water molecules. Aqueous RMs are generally 

characterized by the degree of hydration (w0), which is the ratio of molar 

concentration of water to that of surfactant, where the radius of the water pool (r 

in Å) is empirically defined as, r = 2×w0 [32]. Shapes and sizes of the surfactant 

aggregates depend strongly on the type and concentration of the surfactant, and 

on the nature of counterion and external solvent. In principle, reverse micelles can 

be formed in the presence and in the absence of solubilized water. However, it has 

generally been proposed that if the medium is completely water-free, there is not a 

well-defined CMC (critical micelle concentration), and the aggregates formed are 

very small and polydisperse, indicating minimum cooperativity in the surfactant 

association.  

Fluorescence spectroscopy has been extensively used to study the RMs 

system. Fluorescent probes have been used to determine the viscosity, binding 

site, rigidity and proximity within the water pool. These studies have shown that 

water inside the RMs is generally of two types: i) interfacial (bound) and ii) core 

(free) water. One of the studies [33] has shown the existence of third type of water 

(trapped) molecules present between the polar head groups of the individual 

surfactant molecules. Thus, the interior of RMs is extremely heterogeneous. 

Dielectric relaxation studies  indicate the presence of 7 ns component for bound 

water in RM, very similar to those of water molecules in the close vicinity of 
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biological macromolecules (biological water). In contrast to anionic, sodium bis(2-

ethylhexyl) sulfosuccinate (AOT) and cationic, benzyl-n-hexadecyldimethyl 

ammonium chloride (BHDC) RM, non-ionic or neutral surfactants (TX-100) have 

been reported to form RMs in pure and mixed hydrocarbon solvents. 

 

Figure 2.11. Schematic depiction of a potential structure of a reverse micelle. Water molecules 
reside in the interior, sometimes interacting with head groups and counterions. Surfactant tails 
reside in contact with the continuous, nonpolar, organic supporting phase.  

2.2.1.3. Vesicles: Amphiphilic molecules, because of their solubility properties, 

aggregate into molecularly ordered structures, which often take the form of 

bilayers. When these bilayers curve and close, the resulting aggregates are called 

vesicles. The presence of a solvent inner reservoir (in most cases water) enclosed 

inside bilayers of amphiphiles, in turn comprised of a solvophobic (hydrophobic) 

middle shell and solvophilic (hydrophilic) layers on both sides, are the key 

morphological characteristics of a vesicular structure (Figure 2.12). This vesicle 

phase can consist of unilamellar vesicles (ULVs) or multi-lamellar vesicles (MLVs). 

When the Amphiphilic molecules in addition are phospholipids, the vesicles are 

known as liposomes. Formation of vesicles depends on a number of factors such 

as amphiphilicity, as well as generalized geometric parameters of the constituent 

amphiphiles [34]. It is important to keep in mind that all vesicular characteristics 
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like overall size, membrane mechanical stability, bilayer width, fluidity and 

permeability, outer and inner layer functionalities and consequently the ability to 

encapsulate and release hydrophobic and hydrophilic molecules of interest are 

determined by the chemical characteristics of the constituting amphiphile and 

therefore can be tuned accordingly by synthesis. Bhattacharyya et al. [35] 

demonstrated that the solvation dynamics in lipid vesicles is biexponential with  

 

 

Figure 2.12. Schematic representation of a vesicle structure. 

one component of a few hundred picoseconds and another of several thousand 

picoseconds. The slow solvation dynamics clearly demonstrates that the motion of 

the water molecules is highly constrained in the vesicles and is similar to the water 

molecules present in the immediate vicinity of biomolecules also called ―biological 

water‖. The similarities of vesicles with cellular membranes have made them 

model systems for investigating phenomena and behavioral characteristics found 

in biological systems [36]. 

2.2.2. Proteins: Three types of proteins; histone from calf thymus (type III-SS), 

bovine pancreatic deoxyribonuclease I (DNase I) and alpha chymotrypsin (CHT), 

have been used in our study. 

2.2.2.1. Histone-I from Calf Thymus (type III-SS): Histone H1 is one of the five 

main histone protein families which are components of chromatin in eukaryotic 

https://en.wikipedia.org/wiki/Histone
https://en.wikipedia.org/wiki/Protein
https://en.wikipedia.org/wiki/Chromatin
https://en.wikipedia.org/wiki/Eukaryote
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cells. Though highly conserved, it is nevertheless the most variable histone in 

sequence across species. While most histone H1 in the nucleus is bound to 

chromatin, H1 molecules shuttle between chromatin regions at a fairly high rate. It 

is difficult to understand how such a dynamic protein could be a structural 

component of chromatin, but it has been suggested that the steady-state 

equilibrium within the nucleus still strongly favors association between H1 and 

chromatin, meaning that despite its dynamics, the vast majority of H1 at any given 

timepoint is chromatin bound. H1 compacts and stabilizes DNA under force and 

during chromatin assembly, which suggests that dynamic binding of H1 may 

provide protection for DNA in situations where nucleosomes need to be removed. 

Cytoplasmic factors appear to be necessary for the dynamic exchange of histone 

H1 on chromatin, but these have yet to be specifically identified. H1 dynamics 

may be mediated to some degree by O-glycosylation and phosphorylation. O-

glycosylation of H1 may promote chromatin condensation and compaction. 

Phosphorylation during interphase has been shown to decrease H1 affinity for 

chromatin and may promote chromatin decondensation and active transcription. 

However, during mitosis phosphorylation has been shown to increase the affinity 

of H1 for chromosomes and therefore promote mitotic chromosome condensation. 

2.2.2.2. Bovine Pancreatic Deoxyribonuclease I (DNase I): Deoxyribonuclease I 

(DNase I) (Figure 2.13) is an endonuclease isolated from bovine pancreas, digests 

double and single stranded DNA into oligo and mononucleotides. Bovine 

pancreatic DNase exists as four isozymes, having isoelectric points for A, B, C and 

D: 5.22, 4.96, 5.06 and 4.78.3. The predominant form is A, with smaller amounts of 

B and C, and only minor amount of D. DNase I is an endonuclease that acts on 

phosphodiester bonds adjacent to pyrimidines to produce polynucleotides with 

terminal 5′-phosphates. In the presence of Mg2+, DNAse I cleaves each strand of 

DNA independently and the cleavage sites are random. Both DNA strands are 

cleaved at approximately the same site in the presence of Mn2+ [37]. Divalent 

https://en.wikipedia.org/wiki/Conserved_sequence
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cations such as Mn2+, Ca2+, Co2+, and Zn2+ are activators of the enzyme. A 

concentration of 5 mM Ca2+ stabilizes the enzyme against proteolytic digestion. 

The pH optimum is found to be between 7 and 8. DNAse I from bovine pancreas 

consists of four chromatographically distinguishable components, A, B, C, and D, 

with their molar ratios being 4:1:1 respectively. Only minor amounts of D are 

found. 

 

Figure 2.13. X-ray crystallographic structure of Deoxyribonuclease I (DNase I) depicting the 
different domains. 

2.2.2.3. -Chymotrypsin (CHT): -Chymotrypsin (Figure 2.14) isolated from 

bovine pancreas, is a member of the family serine endopeptidase (molecular 

weight of 25,191 Da) catalysing the hydrolysis of peptides in the small intestine 

[38]. The three dimensional structure of CHT was solved by David Blow [39]. The 

molecule is a three-dimensional ellipsoid of dimensions 51 × 40 × 40 Å. and 

comprises of 245 amino acid residues. CHT contains several antiparallel -pleated 

sheet regions and little -helix. Physiological activity of CHT is determined by the 

pH. The enzyme is not active at lower pH, but the activity increases 

nonmonotonically with pH, in the duodenum (low pH), it is inactive, whereas in 

the lower small intestinal track (high pH), it becomes active. The inactivity of the 

enzyme at lower pH is known to be related to the protonation of the residues of 

the catalytic triad. From spectroscopic studies, it was suggested that the degree of 



53 
 

mobility of water molecules, not hydrophobicity, may be the important factor for 

the change with pH. 

 

Figure 2.14. X-ray crystallographic structure (PDB code: 2CHA) of CHT depicting the different 

domains. 

2.2.3. Deoxyribonucleic Acid (DNA): Deoxyribonucleic acids (DNA) are 

polynucleotide with each nucleotide comprising of deoxyribose sugar, purine and 

pyrimidine bases and phosphate groups. The main bases whose intermolecular 

hydrogen bonding holds the DNA strands together are adenine, guanine, thymine 

and cytosine. DNA serves as carrier of genetic information. The classic example of 

how biological function follows from biomolecular structure comes from the 

elucidation of double helical structure of DNA by Watson and Crick [40]. There 

are generally three forms of DNA-A, B and Z-form. Natural DNA, however, exists 

in B-form. Natural DNA is about meter long and comprises of hundreds of base 

pairs. The distance between two base pairs in B-DNA is 3.4 Å [40]. In about 4 M 

NaCl, B-form assumes Z-form. DNA structures consist of major and minor 

grooves and intercalation spaces through which DNA interacts with ligands. 

There are two modes of interaction between DNA and ligands: (i) intercalation, 

where the planar polycyclic hetero-aromatic ligands sit in between the base pairs 

of DNA and interact through  interaction [41] and (ii) groove binding, where 
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the ligands bind in the major and minor grooves of DNA [42]. The water 

molecules at the surface of DNA are critical for the molecular recognition and 

maintaining the structure. We have used calf thymus DNA for studying the DNA 

surfactant interaction and 20-mer sequences, 5‘-GCGTGTAAACGATTCCACGC-3‘ 

DNA in order to monitor the enzymatic activity of DNase I. 

 

Figure 2.15. Schematic representation of deoxyribonucleic acid (DNA). 

2.2.4. Molecular Probes: In this section we will discuss about the different probe 

molecules that have been used in the course of study. 

2.2.4.1. Acridine Orange 10-nonyl Bromide (NAO): Nonyl acridine orange is an 

organic compound. It is fluorescent cationic dye having an acridine head group 

and a long alkyl tail useful for selective labelling of nucleic acid. Being cationic 

dye, it interacts with negative charge DNA by intercalation or electrostatic 

attractions, respectively. When bound to DNA, the absorption peak and emission 

peaks of NAO are at 492 and 520 nm [43]. 

2.2.4.2. Ethidium Bromide (EB): EtBr is a well-known fluorescent probe for DNA, 

which readily intercalates into the DNA double helix. Compared to bulk water, 

the emission intensity and lifetime of EtBr increases significantly when EtBr 

intercalates into the double helix of DNA [44]. This remarkable fluorescence 

enhancement of EtBr is utilized to study the motion of DNA segments, and the 

https://en.wikipedia.org/wiki/Organic_compound
https://en.wikipedia.org/wiki/Fluorescent
https://en.wikipedia.org/wiki/Cation
https://en.wikipedia.org/wiki/Dye
https://en.wikipedia.org/wiki/Nucleic_acid
https://en.wikipedia.org/wiki/Intercalation_(biochemistry)
https://en.wikipedia.org/wiki/Electrostatic_attraction
https://en.wikipedia.org/wiki/Electrostatic_attraction
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interaction of DNA with surfactants and drug. Absorption maxima of EtBr in 

aqueous solution are at 285 nm and 480 nm, after excitation EtBr emits orange 

light with wavelength maxima at 620 nm. 

2.2.4.3. Crystal Violet (CV): Crystal violet is a cationic triarylmethane dye used as 

a nontoxic DNA stain. When dissolved in water, the dye has a blue-violet colour 

with an absorbance maximum at 590 nm and an extinction coefficient of 87,000 

M−1 cm−1. The absorption spectrum of CV overlaps well with the emission 

spectrum of nonyl acridine orange, making it useful as an acceptor in FRET 

experiments [43]. 

2.2.4.4. 8-Anilino-1-Naphthalenesulfonic Acid Ammonium Salt (ANS): ANS is a 

well-known solvation probe which binds selectively to the native state of certain 

proteins and enzymes in their hydrophobic as well as polar sites (Figure 2.16). In 

aqueous solution, the emission quantum yield of ANS is very small (0.004) with 

emission peak at ~520 nm and a lifetime of ~0.25 ns. The steady-state emission is 

quenched dramatically in polar solvents. Because of its bichromophoric structure, 

ANS is known to undergo charge transfer (CT) from one aromatic moiety to the 

other ring and solvation. In nonpolar solvents, the emission is strong and is mostly 

from the locally excited state i.e., before charge separation. In polar solvents, the 

fluorescence decreases and is dominated by emission from the CT state. The 

solvent polarity and rigidity determine the wavelength and yield of emission and 

that is why ANS is a useful biological probe [44]. 

2.2.4.5. Doxorubicin Hydrochloride (DOX): Doxorubicin (DOX) is one of the most 

commonly used chemotherapeutic drugs and a popular research tool due to the 

inherent fluorescence of the DOX molecule. After DOX injection, fluorescence 

imaging of organs or cells can provide information on drug biodistribution. 

Therapeutic and imaging capabilities combined in a DOX molecule make it an 

excellent theranostic agent. The sensitivity of DOX fluorescence intensity to DOX 

https://en.wikipedia.org/wiki/Triphenylmethane
https://en.wikipedia.org/wiki/Absorbance
https://en.wikipedia.org/wiki/Molar_absorptivity
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concentration, local microenvironment, and interaction with model cellular 

components is illustrated by fluorescence spectra of paired DOX complex. The 

photophysics of the probe with nanoscopic vehicles have also been studied in 

detail [45]. 

2.2.4.6. Dihydroindolizine (DHI): Photochromic DHI has received much attention 

owing to its remarkable photo-fatigue resistance and broad range of absorption. 

Moreover, photochromic DHI is used to tether peptides and proteins via a 

maleimide functional group, which corresponds to absorption in the red region of 

the visible spectrum and in the near-IR spectral domain, indicating the potential 

for future use in in vivo applications. The basis of the photochromic behavior of 

DHI is light-induced reversible pyrroline ring opening, which transforms the 

molecule from a light-yellow colored form (cis) to a red colored betaine form 

(trans). Betaines undergo a thermal back reaction to their corresponding DHI cis 

form by 1,5-electrocyclization [46]. 

2.2.4.7. Coumarin 500 (C500): The solvation probe C500 (Figure 2.16) is sparingly 

soluble in water and shows reasonably good solubility in isooctane. In bulk water 

the absorption peak (400 nm) is significantly red shifted compared to that in 

isooctane (360 nm). The emission peak of C500 in bulk water (500 nm) also shows 

a 90 nm red shift compared to that in isooctane (excitation at 350 nm). The 

significantly large solvochromic effect in the absorption and emission spectra of 

C500 makes the dye an attractive solvation probe for microenvironments. The 

photophysics of the probe have also been studied in detail [47]. 

2.2.4.8. Rifampicin (RF): Rifampicin (RF) is an antibiotic drug of the rifamycin 

group. RF is a first line anti-tuberculosis drug which is active against 

Mycobacterium tuberculosis as well as few other Mycobacterial species. It can be 

used alone or in combination with other drugs like, isoniazid and pyrazinamide 

for the treatment of tuberculosis. It is a potent inhibitor of DNA dependent RNA 
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synthesis from bacteria. Binding affinity of RF to HSA is 65 % to 75 %. RF absorbs 

light at 228 nm, 333 nm and 473 nm. Its solubility in water is 1.3 mg/ml at pH 4.3. 

The molar extinction coefficient of RF at 473 nm is 15286 M-1 cm-1. 

 

Figure 2.16. Schematic representation of the molecular probes used. 

2.2.4.9. 6-Acetyl-2-(dimethyl amino) naphthalene (Acedan): Acedan is a donor–

acceptor (D–A) type dipolar fluorophores have been widely used in molecular 

probes and biological tags owing to their highly emissive nature. It has an 

electron-donating 6-dimethylamino group and an electron-accepting 2-acetyl 

group, allowing ICT through the p-electron delocalization. The emission of acedan 

is expected to come from the locally excited (LE) state, or the ICT excited states—

twisted (TICT) or planarized (PICT), depending on the medium. In bulk water the 

absorption peak and emission peaks of Acedan are at 360 and 516 nm, respectively 

and it is sensitive to the polarity of the medium. The significant solvochromic 
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effect (solvation) in the absorption and emission spectra of Acedan makes the dye 

an attractive solvation probe for microenvironments [48]. 

2.2.4.10. 6-Acetyl-(2-((4-hydroxycyclohexyl) (methyl) amino) naphthalene 

(ACYMAN): ACYMAN is the derivative of Acedan form by replacing the 

N,Ndimethylamino by 4-hydroxycyclohexyl(methyl)amino group. A bulky amino 

group is expected to undergo a slower or hindered internal rotation in the excited 

state, which can also contribute to the fluorescence enhancement of acedan 

derivatives by reducing the nonradiative decay. In bulk water the absorption peak 

and emission peaks of ACYMAN are at 368 and 519 nm [49], respectively and it is 

also sensitive to the polarity of the medium. 

2.2.4.11. 6-Acetyl-2-((pyrrolidine) (methyl) amino) naphthalene (Acedan 18): Like 

ACYMAN, Acedan 18 is also the derivative of Acedan form by replacing N,N 

dimethylamino by pyrrolidine)(methyl)amino group. In bulk water the absorption 

peak and emission peaks of ACYMAN are at 384 and 524 nm [50], respectively 

and it is also sensitive to the polarity of the medium. The significant solvochromic 

effect (solvation) in the absorption and emission spectra of Acedan 18 makes the 

dye an attractive solvation probe for microenvironments 
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Chapter 3 

Instrumentation and Sample Preparation 

In this chapter the details of instrumental setup and sample preparation 

techniques used in our studies have been described. 

3.1. Instrumental Setups: 

3.1.1. Steady-State UV-Vis Absorption and Emission Measurement: Steady-state 

UV-Vis absorption and emission spectra of the probe molecules were measured 

with Shimadzu UV-2450 spectrophotometer and Jobin Yvon Fluoromax-3 

fluorimeter, respectively. Schematic ray diagrams of these two instruments are 

shown in Figures 3.1 and 3.2. 

 

Figure 3.1. Schematic ray diagram of an absorption spectrophotometer. Tungsten halogen (W1) 
and deuterium lamps (D2) are used as light sources in the visible and UV regions, respectively. M, 
G, L, S, PMT designate mirror, grating, lens, shutter and photomultiplier tube, respectively. CPU, 
A/D converter and HV/amp indicate central processing unit, analog to digital converter and high-
voltage/amplifier circuit, respectively. 



65 
 

 

Figure 3.2. Schematic ray diagram of an emission spectrofluorimeter. M, G, L, S, PMT and PD 
represent mirror, grating, lens, shutter, and photomultiplier tube and reference photodiode, 
respectively. 

3.1.2. Time-Correlated Single Photon Counting (TCSPC) Technique: All the 

picosecond-resolved fluorescence transients were recorded using TCSPC 

technique. The schematic block diagram of a TCSPC system is shown in Figure 3.3. 

TCSPC setup from Edinburgh instruments, U.K., was used during fluorescence 

decay acquisitions. The instrument response functions (IRFs) of the laser sources 

at different excitation wavelengths varied between 70 ps to 80 ps. The fluorescence 

from the sample was detected by a photomultiplier after dispersion through a 

grating monochromator [1]. For all transients, the polarizer in the emission side 
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was adjusted to be at 54.70 (magic angle) with respect to the polarization axis of 

excitation beam. In order to measure anisotropy, fluorescent transients were taken 

with emission polarizer aligned in parallel and perpendicular directions with 

respect to vertical polarization of excitation light. For tryptophan excitation of 

protein, femtosecond-coupled TCSPC setup were employed in which the sample 

was excited by the third harmonic laser beam (300 nm) of the 900 nm (0.5 nJ per  

 

 

Figure 3.3. Schematic ray diagram of a time correlated single photon counting (TCSPC) 
spectrophotometer. A signal from microchannel plate photomultiplier tube (MCP-PMT) is 
amplified (Amp) and connected to start channel of time to amplitude converter (TAC) via constant 
fraction discriminator (CFD) and delay. The stop channel of the TAC is connected to the laser 
driver via a delay line. L, M, G and HV represent lens, mirror, grating and high voltage source, 
respectively. 

pulse) using a mode-locked Ti-sapphire laser with an 80 MHz repetition rate 

(Tsunami, spectra physics), pumped by a 10 W Millennia (Spectra physics) 

followed by a pulse-peaker (rate 8 MHz) and a third harmonic generator (Spectra-

physics, model 3980). The third harmonic beam was used for excitation of the 
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sample inside the TCSPC instrument (IRF = 70 ps) and the second harmonic beam 

was collected as for the start pulse. 

3.1.3. Circular Dichroism (CD) Measurement: CD is a form of spectroscopy based 

on the differential absorption of left and right-handed circularly polarized light. It 

can be used to determine the structure of macromolecules (including the 

secondary structure of proteins and the handedness of DNA). The CD 

measurements were done in a JASCO spectropolarimeter with a temperature 

controller attachment (Peltier) (Figure 3.4). The CD spectra were acquired using 

quartz cells of 0.1 and 1.0 cm path length. For proteins and DNA the typical 

concentration used for CD measurements were within 10 M. 

 

Figure 3.4. Schematic ray diagram of a circular dichroism (CD) spectropolarimeter. M1, M2, P1, 
S, PMT, CDM, O-ray and E-ray represent concave mirror, plain mirror, reflecting prism, shutter, 
photomultiplier tube, CD-modulator, ordinary ray and extraordinary ray, respectively. 

3.1.4. Dynamic Light Scattering (DLS): Dynamic light scattering (DLS), also 

known as Photon Correlation Spectroscopy (PCS) or Quasi-Elastic Light Scattering 

(QELS), is one of the most popular techniques used to determine the 
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hydrodynamic size of the particle. DLS measurements were performed on a Nano 

S Malvern instruments, U.K. employing a 4 mW He-Ne laser (λ= 632.8 nm) and 

equipped with a thermostatic sample chamber. The instrument allows DLS 

measurements in which all the scattered photons are collected at 173˚ scattering 

angle (Figure 3.5). The instrument measures the time-dependent fluctuation in 

intensity of light scattered from the particles in solution at a fixed scattering angle. 

The ray diagram of the DLS setup is shown in Figure 3.5. 

 

Figure 3.5. Schematic ray diagram of dynamic light scattering (DLS) instrument. The avalanche 
photo diode (APD) is connected to preamplifier/amplifier assembly and finally to correlator. It has 
to be noted that lens and translational assembly, laser power monitor, size attenuator, laser are 
controlled by the computer. 

It has been seen that particles in dispersion are in a constant, random 

Brownian motion and this causes the intensity of scattered light to fluctuate as a 

function of time. The correlator used in a DLS instrument constructs the intensity 

autocorrelation function G(τ) of the scattered intensity, 
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         τtItIτG             (3.1) 

where τ is the time difference (the sample time) of the correlator. For a large 

number of monodisperse particles in Brownian motion, the correlation function 

(given the symbol G) is an exponential decay function of the correlator time delay 

τ, 

        Γτ2-Bexp1AτG             (3.2) 

where A is the baseline of the correlation function, B is the intercept of the 

correlation function. Γ is the first cumulant and is related to the translational 

diffusion coefficient as, Γ= Dq2, where q is the scattering vector and its magnitude 

is defined as, 
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where n is the refractive index of dispersant, λ0 is the wavelength of the laser and 

θ, the scattering angle. For polydisperse samples, the equation can be written as, 

        




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2
1 τgB1AτG           (3.4) 

where the correlation function g(1)(τ) is no longer a single exponential decay and 

can be written as the Laplace transform of a continuous distribution G(Γ) of decay 

times, 

       dΓτexpGτg
0

1  


          (3.5) 

The scattering intensity data in DLS are processed using the instrumental software 

to obtain the hydrodynamic diameter (dH) and the size distribution of the scatterer 

in each sample. In a typical size distribution graph from the DLS measurement, X-
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axis shows a distribution of size classes in nm, while the Y-axis shows the relative 

intensity of the scattered light. The diffusion coefficient (D) can be calculated using 

the hydrodynamic diameter (dH) of the particle by using the Stoke-Einstein 

relation, 

     
H

B

d3

Tk
D


            (3.6) 

where kB, T, dH, η are Boltzmann constant, temperature in Kelvin, hydrodynamic 

diameter and viscosity, respectively. 

3.1.5. Scanning Electron Microscopy (SEM): Surface characterization of 

nanomaterials were done by scanning electron microscope FE (field emission)-

SEM; JEOL. Ltd., JSM-6500F. An electron-gun is attached to SEM and the electrons 

from filament triggered by 0 kV to 30 kV voltages. These electrons go first through 

a condenser lens and then through an objective lens, then through an aperture and 

finally reach to the specimen. The high energy electrons go a bit  

 

 

Figure 3.6. Schematic diagram of typical scanning electron microscope (SEM). 
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in the sample and back again give secondary electrons. The signal from secondary 

electrons are detected by detector and amplified. The ray diagram of the SEM 

setup is shown in Figure 3.6. 

3.1.6. Quasielastic Neutron Scattering (QENS): Neutron scattering experiments 

were carried out using high energy resolution IRIS spectrometer at the ISIS pulsed 

Neutron and Muon source at the Rutherford Appleton Laboratory, UK. For 

neutron scattering measurements, we have used D2O (99.9% atom D purity) as a 

solvent to prepare the samples. We have employed IRIS spectrometer in the offset 

mode with a PG (002) analyzer which provides an energy resolution (ΔE) of 17 

μeV. In the used configuration of the spectrometer, energy transfer and Q-range 

were from −0.3 to +1.0 meV and 0.5-1.8 Å-1, respectively. Two types of 

experiments (i) elastic fixed window scan (EFWS) and (ii) QENS were carried out. 

In EFWS, the elastic intensity within the ΔE of the spectrometer is measured with 

the temperature. EFWS experiments have been carried out in the temperature 

range of 285–345K in both heating and cooling cycles [2]. Quasi-elastic Neutron 

Scattering (QENS) measurements were carried out at 310K during the heating 

cycle, and at 330K during the cooling cycle. The selection of temperatures for 

QENS measurements were based on the elastic intensity scan results. For 

reference, QENS measurements were carried out on pure D2O at the same 

temperatures. For instrument resolution, QENS measurement was also carried out 

on a standard vanadium sample. MANTID software [3] was used to perform 

standard data reduction. Sample was placed in an annular aluminium sample 

holder for the neutron scattering experiments. In order to minimize the multiple 

scattering effects, sample thickness was kept at 0.5 mm. We have used the DAVE 

software [4] for QENS data analysis. The scattering law for a lipid bilayer may be 

written in terms of equation 3.7 

    
     EQSEQSEQS lat ,,, int          (3.7) 
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where, Slat(Q,E) and Sint(Q,E) are the scattering functions associated with lateral 

and internal motions of the lipid molecules, respectively. The lateral motion is 

characterized as a continuous diffusion and the corresponding scattering law 

could be described by a single Lorentzian function Slat(Q,E) = Llat(Γlat,E), where lat 

is the half-width at half-maximum (HWHM) of the Lorentzian function 

corresponding to lateral motion of the lipid molecules. As for the internal motion, 

which is localized in character, the scattering law is written by equation. 3.8 as a 

linear combination of elastic and quasi-elastic components,  

          ELQAEQAEQS ,1, intintint             (3.8) 

The quasi-elastic component is approximated as a single Lorentzian function with 

half-width at half-maximum (HWHM) Γint. The elastic fraction of the total 

scattering is called the elastic incoherent structure factor (EISF) and provides 

information about the geometry of the dynamical process. As evident from 

equation 3.8, A(Q) is nothing but the EISF. Hence, the scattering law (equation 3.7) 

for the lipid bilayer becomes 

         int, , 1 ( , )lat lat tot latS Q E A Q L E A Q L E       
                 (3.9) 

The effective scattering law that reckons the above described model can be written 

as [5] 
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where EISF is, 
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Here b is the distance between the H-atoms (1.8 Å) in methyl group (MG) of the 

quaternary ammonium headgroup of DODAB. τMG is the mean residence time, a is 

the radius of gyration of the alkyl chain, and τl is related to rotational diffusion 

coefficient. The effective scattering law for internal dynamics in the fluid phase is 

[6] 
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where NC = 18 is the number of the CH2 units in the lipid tail. From equation 8 the 

EISF can be expressed as 
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where Ri and Di are the radius and the diffusion coefficient corresponding to the ith 

site of the lipid tail, and can be written as: 
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3.1.7. Fourier Transform Infrared (FTIR) Measurement: FTIR spectroscopy is a 

technique that can provide very useful information about functional groups in a 

sample. An infrared spectrum represents the fingerprint of a sample with 

absorption peaks which correspond to the frequencies of vibrations between the 
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bonds of the atoms making up the material. Because each different material is a 

unique combination of atoms, no two compounds produce the exact same infrared 

spectrum. Therefore, infrared spectroscopy can result in a positive identification 

(qualitative analysis) of every different kind of material. In addition, the size of the 

peaks in the spectrum is a direct indication of the amount of material present. The 

two-beam Michelson interferometer is the heart of FTIR spectrometer. It consists 

of a fixed mirror (M4), a moving mirror (M5) and a beam-splitter (BS1), as 

illustrated in Figure 3.7. The beam-splitter is a laminate material that reflects and 

transmits light equally. The collimated IR beam from the source is partially 

transmitted to the moving mirror and partially reflected to the fixed mirror by the 

beam-splitter. The two IR beams are then reflected back to the beam-splitter by the 

mirrors. The detector then sees the transmitted beam from the fixed mirror and 

reflected beam from the moving mirror, simultaneously. The two combined beams  

 

 

Figure 3.7. Schematic of Fourier Transform Infrared (FTIR) spectrometer. It is basically a 
Michelson interferometer in which one of the two fully-reflecting mirrors is movable, allowing a 
variable delay (in the travel-time of the light) to be included in one of the beams. M, FM and BS1 
represent the mirror, focussing mirror and beam splitter, respectively. M5 is a moving mirror. 

interfere constructively or destructively depending on the wavelength of the light 

(or frequency in wavenumbers) and the optical path difference introduced by the 
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moving mirror. The resulting signal is called an interferogram which has the 

unique property that every data point (a function of the moving mirror position) 

which makes up the signal has information about every infrared frequency which 

comes from the source. Because the analyst requires a frequency spectrum (a plot 

of the intensity at each individual frequency) in order to make identification, the 

measured interferogram signal cannot be interpreted directly. A means of 

―decoding‖ the individual frequencies is required. This can be accomplished via a 

well-known mathematical technique called the Fourier transformation. This 

transformation is performed by the computer which then presents the user with 

the desired spectral information for analysis. FTIR measurements were performed 

on a JASCO FTIR-6300 spectrometer (transmission mode) using CaF2 windows 

with a  spacer  thickness of 25 μm. 

3.1.8. Microfluidics Methodology: Figure 3.8 portrays the used microfluidics (MF) 

system, represented as the Y-shaped MF chip. The specially designed MF chip 

with the connectors and the syringe pumps (Atlas-ASP011) were bought from  

 

 

Figure 3.8. Custom designed microfluidics chip to monitor fast reaction. Two specific regions are 
shown: X, for fast sub-100 ns kinetics and Y, for slower kinetics [7]. 

Dolomite, UK and Syrris Ltd., UK respectively. The specially designed MF chip 

consists of two inlets and a common outlet. The chip was made out of optically 
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transparent glass, which can sustain higher temperature if required. The diameter 

of the microchip (440 m) was designed to withstand high flow rates. A small 

special region just after the confluence (X region) with a diameter of 150 m and a 

length scale around 2200 m was deliberately added in the design, after which it 

expands to 440 m (Y region). The small diameter guarantees a higher fluid front  

 

 

Figure 3.9. (a) Schematic presentation of the developed microfluidics platform. L denotes the flow 
path length, Xi are the positions for measurements along the channel and S is the cross section of 
the micro-channel. (b) The fluorescence microscope coupled to the microfluidics channel. A CCD 
camera captures images of the ongoing reactions inside the micro-channel. (c) Picosecond resolved 
fluorescence technique for the collection of decay profiles along the micro-channel. (d) Femtosecond 
upconversion technique combined with the microfluidics platform for studying ultrafast dynamics. 

velocity with reasonably low Reynolds number. The special geometry empowers 

to study very fast kinetics with a time resolution in the order of nanoseconds. For 

the study of slow kinetics in the range of millisecond to microsecond, the other 

portion of the microchannel with a diameter of 440 m is suitable. The two inlets 

were attached to a syringe pump by capillary tubes. The capillaries were passed 
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through the shaft of the holder prior to connection with the MF chip. The reagents 

were propelled using the syringe pump and the total volumetric flow rate was 

adjusted according to the requirements. The term ―flow rate‖ refers to the 

combined volumetric flow rate of the reagents through the micro-channel. The 

schematic of the MF channel is presented as a tube with a cross section S, length L, 

and total volume V=SL (Figure 3.9). The streams converge and their mixing starts 

in the micro-channel junction, position X0 in the Figure 3.9. The total length of the 

flow path of the micro-channel is around 10 cm. Fluorescence images were 

captured with a fluorescence microscope (BX-51, Olympus America, Inc.) 

equipped with a 100 W mercury arc lamp which was used as the excitation source 

(UV light excitation) and a DP72 CCD camera (Figure 3.9). The excitation light was 

cut off by using a standard filter and the fluorescence was collected through a 10  

objective. The image processing and analysis were done by the ‗analySIS‘ software 

provided with the microscope. A region of interest (ROI) was selected at a specific 

height and width. This ROI was used to obtain an intensity profile along the 

microchannel. Intensity profiles were acquired at a particular microchannel 

distance from the initial mixing confluence. The RGB analysis was performed 

wherever required. This channel distance was converted into the reaction time (tn) 

by dividing it by the velocity of the flow (U [m/s]), obtained from the known 

volumetric flow rate and cross-section (S) of the micro-channel [7, 8]. 

3.1.9. Fluorescence Microscope: Commercially available fluorescence microscope 

(BX-51, Olympus America, Inc.) was used in our study. The light source is usually 

a mercury-vapor lamp. For bright field, Tungsten-halogen lamp was used. In 

particular, an inverted setup with a mercury-vapor lamp as light source is shown. 

The dichroic mirror, excitation and emission filter are joined together within the 

filter cube (Figure 3.10). Since mercury-vapor lamps emit light over the whole 

optical spectrum as well as in the ultraviolet range, an optical excitation filter is 

used to isolate one specific wavelength. Due to the Stokes shift, it is possible to 

separate excitation and emission light in the same light path optically via a 
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dichroic mirror. This way, only the emission light is collected by the objective. An 

emission filter helps to suppress unwanted background light.  
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Figure 3.10. Schematic presentation of the fluorescence microscope. 

3.1.10. Light Source Used for Irradiation: A UV light source (LED) of 400–410 nm 

and ∼50 mW/cm2 power was used to irradiate samples under UV-blue light 

source. 

3.2. Sample Preparation: In this section the different sample preparation 

methods have been discussed. 

3.2.1. Chemicals Used: Dimethyldioctadecylammonium bromide ≥98% (DODAB), 

L-α-phosphatidylcholin from soybean (PC), histone from calf thymus (type III-SS) 

(H1), calf thymus DNA (CT-DNA), bovine pancreatic deoxyribonuclease I (DNase 

I), polyethylene glycol 3350 (PEG), sodium dodecyl sulfate (SDS), sodium bis(2-

ethylhexyl)sulfosuccinate (AOT), benzyl hexadecyldimethylammonium chloride 

(BHDC), α-chymotrypsin (CHT), Ala-Ala-Phe-7-amido-4-methylcoumarin (AMC), 

tetraethyleneglycolmonododecyl ether (Brij-30), triton X-100 (TX100), doxorubicin 
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hydrochloride (DOX), acridine orange 10-nonyl bromide (NAO) and 8-anilino-1- 

naphthalenesulfonic acid ammonium salt (ANS) were purchased from Sigma-

Aldrich (Saint Louis, USA). 1-monooleoyl-rac-glycerol (MO) was procured from 

TCI Co. Ltd. The fluorescent probes rifampicin (Rf), ethidium bromide (EB) and 

crystal violet (CV) were purchased from Molecular probes. Coumarin 500 (C500) 

was from Exciton. Cetyltrimethylammonium bromide (CTAB), isooctane and 

benzene were purchased from Spectrochem (Mumbai, INDIA). Butanol, glycerol 

and calcium chloride were purchased from Merck (Mumbai, INDIA). Tris–HCl, 

magnesium chloride, agarose, boric acid and EDTA were from SRL (Mumbai, 

INDIA). HPLC-grade oligonucleotide substrates of 20-mer sequences, 5‘-

GCGTGTAAACGATTCCACGC-3‘ and its complement were purchased from 

Trilink Technologies (San Diego, CA).  

3.2.2. Synthesis of DODAB and DODAB-MO Vesicles: 20 mM and 70 mM 

DODAB vesicles were prepared by mixing the appropriate amounts of DODAB 

powder in H2O. The obtained mixture was kept under magnetic stirring at 65 0C 

for 30–45 min, which yielded an almost transparent fluid. To prepare the aqueous 

dispersions of DODAB-MO (2:1), defined aliquots from the stock solutions of MO 

were mixed under vigorous stirring to an aqueous solution of DODAB at 70°C [9, 

10]. 

3.2.3. Synthesis of Photochromic DHI: The photochromic DHI was synthesized 

by the electrophilic addition of electron-deficient spirocyclopropenes through the 

nitrogen atom of the n-heterocyclic pyridazines in dry ether in the absence of light 

under nitrogen atmosphere for 24 h. The final photochromic DHI was obtained as 

pale yellow crystals after recrystallization from the proper solvent. Pure products 

were obtained after purification by column chromatography on silica gel using 

dichloromethane as eluent [11]. 
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3.2.4. Synthesis of Liposomes: The liposomes were prepared by using the 

standard ethanol injection methods [12]. Typically, the phospholipids were 

dissolved in the ethanol solution and then injected rapidly in PBS buffer (pH 7.4) 

followed by vigorous stirring for half an hour. Finally, the ethanol and a part of 

water were removed by rotary evaporation under reduced pressure. 

3.2.5. Synthesis of Liposomes-DHI Solution: Liposome-DHI solutions were 

prepared by adding a requisite amount of DHI (1.5 mM) to the liposome solution 

(20 mM) with stirring for 6 h. To ensure complete complexation of DHI with the 

liposome free DHI was removed by centrifuging the liposome encapsulated DHI 

at 5000 rpm for 2 min. 

3.2.6. DOX Load and Release: The DOX solution was prepared in PBS buffer, 

separately. Then the DOX was dropwise added to the liposome-DHI solution and 

incubated (70 0C) followed by vigorous stirred for 6 h. Free DOX was removed by 

centrifuging the liposome encapsulated DOX at 14000 rpm for 50 min. The 

absorbance of encapsulated DOX (Aencapsulated) was obtained by using UV-visible 

spectrophotometer at 480 nm after destructing liposomes by Triton X-100. The 

encapsulated efficiency EE was found to be 68.5 % was calculated by following 

equation: 

EE % = ( Aencapsulated / Atotal)*100      (3.14) 

Where Atotal was the absorbance of DOX added in solution originally. 

The drug release behavior was measure by monitoring the released from dialysis 

tube. For this 1 mL DOX-loaded liposomes-DHI with and without UVA-

irradiation for 20 min were transferred to the dialysis tube (MWCO 14 kDa), and 

then submerged into 250 mL PBS buffer (pH 7.4) solution under stirring condition 

at 37 0C. The DOX release from the liposomes-DHI was measured by Jobin Yvon 

Fluorolog fluorimeter. The release efficiency RE of liposomes was calculated using 

following equation:  

RE% = ( At / Aencapsulated)*100       (3.15) 
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Where At was the emission at 480nm at time t. 

3.2.7. Cytotoxicity Assay: MTT assay was performed to observe the cytotoxic 

effect of DOX loaded liposomes and also to assess the photoinduced drug 

delivery. HeLa cells was grown in Dulbecco‘s modified eagle‘s medium (DMEM; 

HiMedia) supplemented with 10% fetal bovine serum (FBS; Gibco) and 1.0% 

penicillin/streptomycin (HiMedia) and cultured at 37 0C, 5.0% CO2 , and 95% 

humidity. 1.0 x104 cells were seeded in each well of a 96 well plate and cultured in 

10% FBS-supplemented DMEM for the photoresponsive treatment. Cells were 

incubated with PC-DHI, PC-DOX, and PC-DHI-DOX (individual concentration of 

PC and DOX in the complex were 2 mM and 2 μM, respectively) for 1 h and were 

exposed to UVA light source for 15 min. After 24h of incubation, the MTT assay 

was performed using a MTT assay kit (CCK003, Himedia) as per the 

manufacture's instruction. For in vitro studies, MTT assay was done in similar 

way by incubating the cell with drug obtained from dialysis of PC-DOX, and PC-

DHI-DOX under dark and UVA irradiation, respectively.   

3.2.8. Flow Cytometry: 5X105 cells were seeded in each well of a 6 well plate and 

cultured in 10% FBS-supplemented DMEM for 12h.  After that the cells were 

treated with PC-DOX liposome and PC-DHI-DOX liposome both in absence and 

presence of UVA light. Post- treatment, cells were incubated for 4h. Then, the 

doxorubicin up take by the cells was checked by flow cytometry (BD accuri C6) 

and data was analyzed using BD accuri C6 software. 

3.2.9. Fluorescence Microscopy Studies: Micrographs of HeLa cells were taken 

using Leica TCS SP8 confocal fluorescence microscope by staining cell using 

Hoechst.  

3.2.10. Preparation of DNA–CTAB Complex: The stock solution of the calf 

thymus DNA was diluted with the potassium phosphate buffer (50 mM, pH 7) so 

that the final concentration of the genomic DNA in nucleotide unit was 3 mM. To 
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this solution, equimolar ratio of CTAB surfactant was mixed gently with 

continuous stirring. The resulting precipitate was separated and washed several 

times with the buffer solution. After that the precipitate was lyophilized to 

prepare condensate powder [13]. 

3.2.11. Assay of DNA Hydrolysis by Nucleases: DNase I was assayed in a buffer 

of 2.5 mM MgCl2, 0.5 mM CaCl2 and 10 mM Tris–HCl (pH 7.5) at 25 0C. The 

reactions were performed with 0.5 µM of DNase I and 10 μM dsDNA (20-mer) as a 

substrate. For quantitative analysis of the hydrolysis reaction of DNase I, the 

dsDNA was staining with ethidium bromide (EB/DNA = 1:1). DNA hydrolysis 

was evaluated according to the amount of residual substrate (%). The amount of 

the residual substrate was estimated as follows: 

R(%) = STX100/S0        (3.16) 

where, R is residual substrate, ST is fluorescence intensity of substrate after time T 

and S0 is fluorescence intensity of substrate at zero time.  

For kinetics studies, the dsDNA concentration was varied from 1 to 10 μM for 

DNase I. The initial rates (v) were estimated from the data for the first 30% of the 

reaction, where residual substrate varies linearly with time. The values of 1/v 

were plotted against respective 1/ [DNA] to obtain the kinetic parameters (Km and 

Vmax) from Michaelis–Menten equation, 

1/v = (km/vmax*[S])+(1/vmax)       (3.17) 

where [S] indicates substrate concentration. 

3.2.12. Gel Electrophoresis: The electrophoretic mobility of calf thymus DNA and 

20-mer dsDNA complexes upon hydrolysis by DNase I in 2.5 mM MgCl2, 0.5 mM 

CaCl2 and 10 mM Tris–HCl buffer solution (pH 7.5) was determined by gel 

electrophoresis using 1.5% agarose gels. Experiments were run at 100 V for 15 min 

in case of calf thymus DNA and 5 min for 20-mer DNA. Since the calf thymus 

DNA and 20-mer dsDNA were labelled with ethidium bromide, a photograph of 
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the gel was taken under ultraviolet illumination of gel documentation and image 

analysis system Syngene, UK Model:INGENIUS 3 without staining the gel with 

ethidium bromide. 

3.2.13. Enzyme Kinetics using Microfluidic Technique: In study of the enzyme 

kinetics an H-shaped microfluidics channel with two inlets, one for the enzyme 

CHT (100 μM) in the reverse micelles BHDC/Benzene, AOT/Benzene, Brij-

30/benzene, TX100/cyclohexane(50%)/benzene(50%) at w0 = 8 and another for 

the substrate AMC (15 μM) in benzene solution, was used to generate the time 

gradient of the CHT–AMC complex along the direction of flow in the channel.  
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Chapter 4 

Spectroscopic Studies on Dynamics-Driven 

Molecular Recognition of Biomimetic Systems 

4.1. Introduction: In biological membranes the lipids can exist in multiple 

phases [1-3]. Although the bilayer lamellar states are relevant to 

biomembranes, non-bilayer lipid phases, such as hexagonal and cubic phases 

may relate to transient event in the biomembranes including fusion, fission and 

pore-formation [4-6]. Dioctadecyldimethylammonium bromide (DODAB) is a 

simple-structure double chained cationic surfactant and widely used as model 

system for in vitro studies on colloids and interfaces [7-9]. DODAB is a bilayer 

forming lipid, which reveals lamellar structure analogous to biological 

membrane [10, 11]. While the dynamics of lipid bilayers are important for 

various processes including cell signalling, membrane protein interaction, 

permittivity and endocytosis, the dynamics also plays a decisive role in 

molecular recognition of various drugs and their transport [12-15]. Thus in vitro 

studies on DODAB bilayers likely provides in depth understanding of the 

physical properties of biological membranes [16-18]. 

A detailed structural characterization of the neat DODAB aqueous 

dispersion with several concentrations of the lipid has already been 

investigated using various techniques [7, 16, 19, 20]. Particularly, thermotropic 

phase behaviours of the system reveals coagel, subgel, gel and liquid 

crystalline phases [16, 17, 21]. In the dilute DODAB aqueous dispersion the 

coagel phase is found to be most stable multilamellar crystalline phase, which 

transforms to liquid crystalline phase at 54 0C upon heating [22]. On the other 

hand, subgel phase is formed during cooling the dilute dispersion in the gel 

phase to a temperature below 15 0C [16, 23]. The interesting thermotropic 

behaviours of the DODAB lipid dispersion offer unique opportunity to study 

biologically relevant bilayer structures without additional new component 
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(physical/chemical). Although the structural aspects of almost all the phases of 

DODAB are explored in detail [24, 25], the hydration properties of the 

associated water molecules in the close vicinity of the lipid headgroups is 

relatively less attended in the literature and is one of the motives of the present 

study. In an earlier report using FTIR studies, it has been concluded that the 

largest difference between subgel and coagel phases lies in the hydration 

degree of the lipid headgroups, while the only significant difference between 

the gel phase and the subgel is the change of the lipid alkyl chain packing [16]. 

A recent report employing quasi elastic neutron scattering (QENS) and 

molecular dynamics (MD) simulation studies explored dynamical transition 

and diffusion mechanism in DODAB bilayer [7]. The study reveals slower 

rotational diffusion of alkyl chain (5.3X1010 s-1) and higher residence time of 

hydrogen (6.7 ps) in coagel phase compared to those in gel phase (6.8X1010 s-1 

and 5.2 ps). The observation is concluded to be due to lower hydration level 

and denser packing of the lipids in the coagel phase. 

In the first work of this chapter, we have incorporated a well-known 

solvation probe Coumarin 500 (C500) in the DODAB lipid bilayer and followed 

the dynamics of water molecules with picosecond resolution in different 

phases [26]. We have also followed the solvation dynamics of an anionic dye 8-

anilino-1- naphthalenesulfonic acid ammonium salt (ANS) in the lipid-water 

interface of DODAB multilamellar vesicles through various phases. The 

molecular recognition of an anti-tuberculosis drug rifampicin in the lipid 

bilayer at various temperatures has also been followed by using picosecond-

resolved Förster resonance energy transfer (FRET) between ANS and the drug. 

The dynamical flexibility of the lipid bilayer at different phases has also been 

investigated by picosecond resolved polarization gated fluorescence 

spectroscopy. Special attention has been paid on the hysteresis of phases 

during the heating cycle, and corresponding effect on the solvation dynamics 

in the lipid bilayer and in close proximity of the lipid-water interface. 
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 Biological membranes play an important role in maintaining cellular, 

structural and functional integrity. Usually the lipids in the membrane are 

often structurally heterogeneous having different acyl chain compositions [27]. 

The persistence of fluidity in a cell membrane is important for optimum 

diffusion of the vital components including lipids and proteins in the 

membrane. The fluidity is also important in the maintenance of dynamics and 

function of membrane proteins leading to essential cellular functions including 

division, differentiation and general adaptation to the environment [28, 29]. 

One of the ways to maintain the “fluidity” in the cell membrane of an organism 

is reported to be through regulation of double bonds in the fatty acid of the 

membrane lipids [30]. At a low temperature, when the membrane fluidity 

decreases, plants and cyanobacteria respond by insertion of unsaturation in the 

fatty acids of lipids so that the membranes attain a state of higher fluidity [31]. 

In addition to membrane "fluidity" hydration of the lipid bilayer plays a crucial 

role in determining the function of biomembranes by affecting their integrity 

and dynamics [32]. Therefore, it is of key interest to probe quantitatively how 

the presence of an unsaturated lipid modulates the membrane fluidity of a 

model bilayer forming lipid when a change in temperature is effected, and how 

the change in membrane fluidity is reflected on the dynamics of water 

molecules in the lipid-water interface. To this end, liposomes and surfactant 

vesicles are often regarded as adequate membrane models [33]. Although, 

natural lipids e.g., phospholipids are important constituents of the cell 

membrane the typical phospholipid structure is by no means a prerequisite for 

vesicle formation to model cell membranes [33], because in many respects, 

vesicles prepared from simple synthetic lipids mimic the properties of vesicles 

prepared from natural phospholipids [34]. In fact, the properties of synthetic 

lipids appear remarkably relevant for obtaining a better understanding of the 

fundamental aspects of the much more complex natural membranes [35, 36]. 

As for example, morphological transformations of cationic vesicles based on 

Dioctadecyldimethylammonium bromide (DODAB) were found to be 

reminiscent of endocytosis and intracellular membrane traffic [35, 36]. So, in 
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the present work we have chosen Dioctadecyldimethylammonium bromide 

(DODAB) as the model bilayer forming lipid which provides lamellar structure 

[10, 37] analogous to biological membranes, and monoolein (MO) as the 

unsaturated lipid. 

This motivates the other work in this chapter where neutron scattering 

techniques were employed to monitor the effect of an unsaturated lipid MO on 

the phase behaviour and dynamical characteristics of the bilayer of a model 

cationic lipid DODAB. Furthermore, we have carried out measurements of 

TDFSS and polarization-gated anisotropy of a novel fluorophore Acedan-18 to 

probe the relaxation dynamics of the lipid bilayer of DODAB in the coagel 

phase and the fluid phase in presence and absence of an unsaturated lipid 

(MO). Quasielastic neutron scattering (QENS) and polarization-gated 

anisotropy measurements showed that MO significantly affects the dynamics 

of the DODAB bilayer and these effects are found to be strongly dependent on 

the phase of the lipid bilayer. In the coagel phase, MO acts as a plasticizer and 

enhances the dynamics of the cationic lipids (DODAB) in the bilayer, indicating 

significantly increased flexibility of the DODAB/MO lipid vesicles relative to 

pure DODAB. On the other hand, in the fluid phase MO acts as a stiffening 

agent, restricting the dynamics of the lipid bilayer. From the TDFSS 

measurements, incorporation of unsaturated MO is found to correspond to 

faster hydration dynamics due to increased structural flexibility of the lipid 

membrane, whereas, it causes slower dynamics of water molecules for 

structurally rigid lipid vesicles in the fluid phase.  

4.2. Results and Discussion: 

4.2.1. Modulation of Solvation and Molecular Recognition of a Lipid Bilayer 

under Dynamical Phase Transition [38]: Figure 4.1.a and Figure 4.1.c display 

fluorescence spectra of C500 and ANS incorporated in dilute aqueous 

dispersions of DODAB at different temperatures. On an increase in 

temperature from 10 0C to 40 0C (i.e. subtransition temperature from subgel to 

gel transition) the lipid hydrocarbon tails melt followed by increased hydration 
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of the head groups of lipids [22] which causes a red shift of the emission peak 

maximum. The observed red shift is much larger for C500 (~200 cm-1) than 

ANS (~130 cm-1) indicating more pronounced effect of increased hydration of 

the lipid headgroups for the former probe than the later, which may be 

ascribed to their different locations in the lipid bilayer. C500 being a neutral  

 

 

Figure 4.1. (a) Fluorescence emission spectra of C500 in DODAB (20 mM) with variation of 
temperature. (b) Plot of emission maximum (λmax) of C500 with temperature in aqueous 
DODAB. (c) Fluorescence emission spectra of ANS in DODAB (20 mM) with variation of 
temperature. (d) Plot of emission maximum (λmax) of ANS with temperature in aqueous 
DODAB. 

dye is likely located deeper at the level of the lipid hydrocarbon chains, 

whereas ANS bearing a negatively charged sulphonate group is anchored at 

the lipid-water interface due to strong electrostatic interactions with the 

cationic head group of DODAB. In consequence, the effect of increased 

hydration due to melting of lipid tails following an increase in temperature 

(from 10 0C to 40 0C) becomes more pronounced for C500 than ANS. With a 

further increase in temperature, the fluorescence intensity of both ANS and 

C500 increases until ~53 0C, corresponding grossly to the main transition (from 
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gel to liquid crystalline phase) of DODAB and decreases thereafter. A moderate 

blue shift in the emission spectrum is also observed on an increase in 

temperature in the DODAB gel phase (from 40 0C until ~53 0C), hinting that 

both ANS and C500 senses a hydrophobic environment when temperature is 

raised beyond 40 0C.  

 

Figure 4.2. Time-resolved anisotropy of DODAB-C500 at different temperature (a) 10 0C, (b) 
50 0C and (c) 70 0C.  Insets depict the time-resolved anisotropy of DODAB-ANS at 
corresponding temperature. 

To probe the microenvironment of the lipid bilayer in different phases 

(subgel, gel and liquid crystalline) time-resolved anisotropy decays (Figure 4.2) 

of ANS and C500 in DODAB vesicles were measured at three different 

temperatures. These decays were found to be bi-exponential in nature, which is 

attributed mainly to the occurrence of various kinds of rotational motions, 

rather than to different locations of the probe in the vesicles [39, 40]. The 
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anisotropy decays of ANS and C500 in DODAB vesicles are analyzed by the 

two-step wobbling in a cone model [41] where the rotational motion of the 

probe in the lipid bilayer is characterized by two time constants. According to 

the two-step wobbling in a cone model, the probe undergoes a  

 

 

Figure 4.3. Time-resolved emission spectra (TRES) of C500-DODAB are shown at different 
temperature (a) 10 0C, (b) 50 0C and (c) 70 0C.  Insets depict the corresponding Picosecond-
resolved transient of C500 at three different wavelengths. 

slow lateral diffusion at or near the lipid-water interface and a fast wobbling 

motion in the lipid bilayer, with both of these motions being coupled to the 

rotation of the lipid vesicles as a whole [41]. Table 4.1 lists the rotational-

relaxation parameters obtained from fitting of anisotropy decay curves. The 

rotational-relaxation time, given by the average reorientational time of the 

probe is faster for C500 than ANS in all the phases (Table 4.1). Relative to the 

negatively charged ANS, the neutral dye C500 incorporates deeper into the 
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lipid bilayer exhibiting lower average rotational relaxation time (<τr>, Table 

4.1.) which is consistent with higher degree of mobility or lower degree of 

rigidity of the local environment [42, 43]. Furthermore, C500 displays lower 

mobility (higher <τr>) below and above the transition temperature, but a sharp 

decrease of <τr> is noted around this temperature (50 0C). This variation in 

average rotational relaxation time for C500 is similar to the previously 

observed variation in fluorescence anisotropy [44] in DODAB vesicles, and 

may be ascribed to increased cooperativity of the melting process during 

transition from gel to liquid crystalline phase. On the other hand, the time-

resolved anisotropy of ANS becomes faster upon subgel to gel and gel to liquid 

crystalline transition of DODAB vesicles (insets of Figure 4.2) which is reflected 

by decreasing average reorientational time (Table 4.1) indicating increased 

flexibility of the local environment of the dye. As ANS is anchored at the head 

group region of the lipid-water interface it senses increasing flexibility of the 

headgroup region due to increased hydration of the lipid headgroups 

associated with melting process of the lipid tails during transition from subgel 

to gel and gel to liquid crystalline phases.  

Table 4.1. Time-resolved anisotropy data in DODAB at different temperature. 

Systems Probe τ1r ns (%) τ2r ns (%) τavg ns 

DODAB_10 0C C500 0.050 (85) 2.00(15) 0.33 

DODAB_50 0C C500 0.060 (97) 1.40 (03) 0.10 

DODAB_70 0C C500 0.085 (73) 0.93 (27) 0.31 

DODAB_10 0C ANS 0.60 (55) 6.20 (45) 3.14 

DODAB_50 0C ANS 0.30 (36) 1.66 (64) 1.17 

DODAB_70 0C ANS 0.12 (30) 0.75 (70) 0.56 

Inset of Figures 4.3 and Figure 4.4 display wavelength-dependent 

fluorescence transients of C500 and ANS in DODAB in the subgel phase (10 

0C), gel phase (50 0C) and in the liquid crystalline phase (70 0C) at three 

characteristic wavelengths, from the blue end to the red end of the steady state 

fluorescence spectra. Time-resolved fluorescence at the blue and the red end 
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are characterized by a decay and a rise, respectively, indicating reorganization 

of the local environment around the excited state dipole of the fluorophore and 

is characterized by a time-dependent red shift of the fluorescence spectrum 

(Figures 4.3 and Figure 4.4). The solvation correlation function, C(t), for both  

 

 

Figure 4.4. Time-resolved emission spectra (TRES) of ANS-DODAB are shown at different 
temperature (a) 10 0C, (b) 50 0C and (c) 70 0C.  Insets depict the corresponding Picosecond-
resolved transient of C500 at three different wavelengths. 

C500 and ANS decays (Figure 4.5 and Table 4.2) with two time constants 

indicating mediation of two types of water trajectories in the solvent relaxation. 

The faster component (τ1) may be ascribed to loosely bound water [22] 

(intermediate interlamellar water) coupled with the lateral motion of the 

DODAB monomers, whereas, the longer relaxation component likely originates 

from water molecules strongly bound [45] to the polar head groups of the lipid. 
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In the subgel phase the contribution of the longer nanosecond relaxation 

component is significantly large (95%) compared to the shorter relaxation 

component in the solvation of ANS. On the contrary, the shorter component 

becomes predominant (58%) in the relaxation of the local dye environment for 

C500. This may be ascribed to location of ANS in the head group region of the 

lipid-water interface relative to location of the C500 dye deeper in the bilayer. 

The location of ANS in the lipid-water interface makes it susceptible to sense 

stronger effect of hydration of the lipid headgroups. C500, on the other hand, 

due to its location deeper in the bilayer at the level of first few methylene 

groups within the densely packed lipid hydrocarbon chains in proximity of 

lipid-water interface seems to be a better sensor of the relaxation of water 

molecules coupled with the lateral motion of the lipid chains. For both ANS  

 

Table 4.2. Solvation time constant in different phases of DODAB vesicles. 

Systems Probe τ1 ns (%) τ2 ns (%) τavg ns 

DODAB_10 0C C500 0.05 (58) 1.00 (42) 0.45 

DODAB_50 0C C500 0.14 (66) 0.77 (34) 0.35 

DODAB_70 0C C500 0.12 (72) 0.64 (28) 0.27 

DODAB_10 0C ANS 0.06 (05) 1.00 (95) 0.98 

DODAB_50 0C ANS 0.04 (47) 1.12 (53) 0.61 

DODAB_70 0C ANS 0.25 (30) 1.00 (70) 0.78 

and C500, the contribution of the faster relaxation component is less (5-58%) 

relative to the longer component in the subgel phase due to restricted motion 

of the alkyl chains. The contribution of the faster relaxation component 

increases around the transition temperature (~50 0C) from gel to liquid 

crystalline phase when the lipid hydrocarbon tails melt, and the overall 

solvation response becomes faster for both ANS and C500. In the liquid 

crystalline phase, at a much higher temperature (70 0C), the head groups 

become more strongly hydrated, and conformational disorder of the alkyl 

chains predominates via their translational and flip-flop motions [23]. As a 
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consequence the slower relaxation component due to water molecules strongly 

bound to lipid head groups predominates (70%) in the relaxation of the local 

environment for ANS, and the overall solvation response becomes slower in 

the liquid crystalline phase than that at the phase transition temperature (50 

0C). In contrary, due to enhanced conformational disorder of the alkyl chains, 

 

 

Figure 4.5. Solvation correlation function of C500-DODAB at different temperature (a) 10 0C, 
(b) 50 0C and (c) 70 0C.  Insets depict the solvation correlation function of ANS-DODAB at 
corresponding temperature. 

the faster relaxation component becomes predominant (72%) in the overall 

solvation response for C500, and the solvation becomes faster than those at the 

subgel phase (10 0C) or at the gel phase (50 0C).  
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Figure 4.6. The fluorescence transients of ANS-DODAB (excitation at 375nm) in the absence 
and in the presence of RF are shown at different temperature (a) 10 0C, (b) 50 0C and (c) 70 0C. 
Inset depicts corresponding steady state emission of ANS-DODAB in absence and presence of 
RF. (d) Distribution of donor-acceptor distances between ANS-DODAB and the RF are shown 
at different temperature. 

Water is known to actively participate in molecular recognition by 

mediating interactions between binding partners and contributes to either 

enthalpic or entropic stabilization [46]. To study the interplay between 

solvation dynamics and molecular recognition of an anti-tuberculosis drug 

rifampicin (RF) by DODAB based vesicles, we have monitored energy transfer 

from ANS bound to the positively charged lipid head groups to RF which is 

known to be efficiently entrapped by these vesicles [47]. ANS is chosen as a 

donor in the donor-acceptor pair with RF because its fluorescence spectrum 

overlaps reasonably well (overlap integral value, 2.77X1014 M-1cm-1nm4) with 

the absorption spectrum of RF, and because it is located in the lipid-water 

interface due to strong binding interactions with the positively charged head 

groups of DODAB [48]. Figures 4.6.a-c display steady state and time-resolved 

decay profiles of ANS in lipid vesicles in absence and presence of RF in 
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different phases. From both the time-resolved decay profiles and the steady 

state fluorescence spectra (inset of Figure 4.6.a-c) of ANS in absence and 

presence of RF it is clearly evident that the energy transfer becomes more 

efficient at the gel phase (50 0C) than either in the subgel or in the liquid 

crystalline phase. The energy transfer from ANS to RF becomes most efficient 

(~93%, Table 4.3) and the distance of separation between the donor (ANS) and 

the acceptor (RF) becomes minimum (~23.3 Å, Table 4.3) during the onset of 

transition from gel to liquid crystalline phase. In the liquid crystalline phase (70 

0C) or in the subgel phase (10 0C) energy transfer becomes much less efficient 

(63-79%) and the donor-acceptor distance significantly increases (30-50%) 

compared to that of gel phase. Thus recognition of RF by the DODAB based 

vesicles is most efficient in the gel phase (50 0C) when its distance with ANS 

anchored to the lipid head groups becomes minimum (~18.5 Å), whereas the 

efficiency of this molecular recognition becomes significantly perturbed in the 

subgel or in the liquid crystalline phase due to significant increase in the 

distance between RF and ANS. A calculation of the distribution of donor–

acceptor distances in rifampicin-bound DODAB-labelled ANS (Figure 4.6.d) 

revealed less broadening in the case of subgel (HW= 4.9 Å) and liquid 

crystalline phase (HW= 4.4 Å) compared to gel phase (HW= 6.5 Å). The 

variation in the efficiency of molecular recognition and distribution of donor-

acceptor between ANS-RF in DODAB vesicles seems to be nicely correlated 

with the speed of solvation of ANS in the lipid-water interface. When the 

solvation is slower in the subgel or in the liquid crystalline phase the molecular 

recognition of RF by DODAB is much less efficient than during phase 

transition from gel to liquid crystalline phase where solvation of ANS is fastest 

(~0.6 ns). In the subgel or in the liquid crystalline phase the solvation of ANS is 

slower because of preponderance of the slower relaxation component (70-95%, 

Table 4.2) due to strongly bound water molecules relative to the faster 

relaxation component associated with conformational fluctuation of the lipid 

alkyl tails. During the transition from the gel to the liquid crystalline phase the 

dynamic rearrangement of the lipid hydrocarbon tails occur cooperatively with 
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the solvation of the polar lipid headgroups [22] and a significant increase in the 

contribution of the faster relaxation component (47%) relative to the subgel or 

liquid crystalline phase (5-30%) is observed.  

Table 4.3. Picosecond-resolved fluorescence transient lifetime of ANS in different 

phases of DODAB vesicles. 

 

 

Systems τ1 ns (%) τ2 ns (%) τ3 ns (%) τavg ns 

 

Fluorescence 
Transient 
Lifetime 

ANS-DODAB (10 0C) 0.07 (35) 0.930 (32) 4.02 (33) 1.66 

ANS-DODAB-RF (10 0C) 0.06 (66) 0.52 (27) 2.36 (7) 0.35 

ANS-DODAB (50 0C) 0.08 (32) 0.74 (28) 3.06 (40) 1.47 

ANS-DODAB-RF (50 0C) 0.03 (83) 0.24 (14) 1.34 (3) 0.09 

ANS-DODAB (70 0C) 0.04 (38) 0.45 (27) 2.38 (35) 0.97 

ANS-DODAB-RF (70 0C) 0.6 (56) 0.39 (31) 1.50 (13) 0.35 

 

FRET 
parameters 

 J(λ) R0 (Ǻ) Efficieny τDA(Ǻ) 

ANS-DODAB-RF (10 0C) 2.77X1014 29.22 79.1 23.3 

ANS-DODAB-RF (50 0C) 2.73X1014 29.14 93.6 18.5 

ANS-DODAB-RF (70 0C) 2.8X1014 29.27 64.8 26.6 

This significant increase in the dynamic rearrangement of the lipid 

hydrocarbon tails during phase transition is indicative of an enhanced intrinsic 

flexibility of the DODAB monomers compared to that in the subgel or in the 

liquid crystalline phase. The dynamic reorganization of the intrinsically flexible 

lipid hydrocarbon tails aids in incorporation of the drug RF in the lipid bilayers 

of DODAB. This is quite reasonable given that RF remains deeply buried inside 

the lipid bilayers [49, 50] of anionic and zwitterionic phospholipids owing to an 

interplay of electrostatic interaction and hydrophobic effect. As a consequence 

of enhanced intrinsic flexibility of the lipid alkyl tails during phase transition 

dynamic reorganization of the lipid tails aids in significant insertion of the 

drug RF and its closer positioning relative to the ANS dye in the lipid bilayers 

of DODAB. This leads to optimal molecular recognition of RF by the DODAB 

vesicles near the onset of phase transition (50 0C) compared to that in subgel or 
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liquid crystalline phase. Similar observations were noted in other studies [51-

53] involving proteins where flexibility of the participating proteins were 

found to be crucial for optimal protein-based molecular recognition. In 

addition to the dynamic reorganization of the lipid alkyl tails, water molecules 

strongly bound to the lipid head groups optimize the complementarity of 

electrostatic interactions of the competitive binding partners ANS and RF with 

the cationic lipids as well as those between them in the lipid-water interface 

similar to proteins [54, 55]. Thus an optimum balance between the intrinsic 

flexibility of the lipid alkyl tails and interfacial hydration plays a key role in 

optimal molecular recognition of the anti-tuberculosis drug by the DODAB 

based vesicles, which is likely achieved near the onset of the phase transition 

temperature than that at the subgel (10 0C) or the liquid crystalline phase (70 

0C) (Scheme 4.1). 

 

Scheme 4.1. Schematic representation of the differential dynamical organization of the lipid 
molecules in different phases leading to its altered molecular recognition.  

4.2.2. Unravelling the Role of Monoolein in Fluidity and Dynamical 

Response of a Mixed Cationic Lipid Bilayer [56]: Elastic intensity scan 

satisfactorily investigates phase transitions associated with changes in 

microscopic dynamics and mobility of a sample with variation in temperature 

[57]. Any microscopic mobility in the sample shifts the scattering signal 

intensity away from zero energy transfer, hence, a discontinuous loss or gain of 

intensity in an elastic scan measurement is the signature of a phase transition, 

which is associated with a change in the microscopic dynamics of the system. 

Normalised Q-averaged elastic intensities for DODAB in presence and absence 
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of MO are shown for heating as well as cooling cycles in Figure 4.7.a. In case of 

pristine DODAB, upon heating, a sudden fall in the elastic intensity is observed  

 

 

Figure 4.7. (a) Elastic intensity scans. (b) Differential scanning calorimetry (DSC) 
thermograms for 70 mM DODAB bilayer with and without 33 mol% MO in the heating and 
the cooling cycles. 

at 327K corresponding to the coagel to fluid phase transition [58]. Upon 

cooling, pristine DODAB experiences transition from fluid to gel phase at 311K, 

and on further cooling it is converted to the coagel phase at ~299K. The 

formation of an intermediate „gel‟ phase can be attributed to the loss of 

synchronicity between the change in the structure of the lipid headgroup and 

its alkyl chain. The headgroup of the DODAB lipid is positively charged, which 

interacts with the neighbouring headgroups via strong electrostatic interaction 

(mostly repulsive) whereas the alkyl chain of the lipid, being neutral, interact 

via weak van der Waals interaction with the neighbouring alkyl chains. The 

incongruity between the interactions among the lipid headgroups and those 

among the lipid alkyl chains lead to the formation of an intermediate gel phase. 
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Since, the interaction among the alkyl chains is relatively weaker, the chain 

ordering happens independently and at distinct temperature leading to the 

formation of gel phase where the alkyl chains in the lipid bilayer are ordered 

while the headgroup is still disordered.  

 

Figure 4.8. (a) Typical observed QENS spectra for DODAB bilayer with and without MO at 
310K at Q = 1.4 Å-1. The contribution of the solvent (D2O) has been subtracted, and the 
resultant spectra are normalized to the peak intensities. The instrumental resolution measured 
from standard vanadium sample is shown by solid line, (b) Typical fitted QENS spectra for 
DODAB in presence of MO at Q =1.4 Å-1 in coagel phase (310 K) and in (c) fluid phase (330 
K). 

Upon incorporation of MO the phase behaviour of the DODAB bilayer is 

significantly affected during the heating as well as the cooling cycle. In case of 

heating, the coagel to fluid phase transition gets broadened, and the phase 

transition temperature shifts to a lower temperature (~321K) which is 

indicative of increased disorder in the lipid vesicles consistent with enhanced 

fluidity of the lipid bilayer. On the other hand, formation of the gel phase is 

inhibited during cooling and DODAB transforms directly from fluid phase to 

coagel phase indicating synchronous ordering of the lipid headgroups and the 

alkyl tails, which likely originates from screening of the electrostatic repulsion 
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between the cationic headgroups of DODAB by MO promoting in turn the van 

der Waals attraction between the cationic lipid molecules.  

Table 4.4. The dynamical parameters of DODAB with and without MO in the coagel 

phase (310 K). 

Coagel phase px(%) a (Å) τMG (ps) Dr (μeV) 

DODAB 13 ± 3 1.7 ± 0.2 6.7 ± 0.3 14 ± 2 

DODAB-MO 41 ± 4 2.3 ± 0.2 4.7 ± 0.3 21 ± 2 

Differential scanning calorimetry (DSC) thermograms of DODAB 

vesicles, with and without MO, are shown in Figure 4.7.b. In the heating cycle, 

pure DODAB vesicles show a main phase transition (coagel to fluid) at 327K. 

On incorporation of MO the main phase transition (coagel to fluid) is shifted to 

a lower temperature by about ~6K. The transition enthalpy, Hm, was 

calculated from the area under the peak and were found to be 75 kJ and 77 kJ 

per mol of DODAB for pure DODAB and mixed DODAB/MO vesicles, 

respectively. The shape of the thermogram provides additional information 

concerning phase transition and the peak width at half-height (T1/2) is related 

to cooperativity of the transition. Upon incorporation of MO, the peak width 

increases from 2K to 4K suggesting that the phase transition becomes less 

cooperative in presence of the unsaturated lipid. The results from DSC 

thermograms are found to be consistent with the elastic intensity scan data 

(Figure 4.7.a) and indicate to a significant effect of MO on the phase behaviour 

of the lipid bilayer. From elastic intensity scan measurements, phase transitions 

of the DODAB bilayer are found to be affected upon incorporation of MO, 

which is associated with a change in the microscopic dynamics of the lipid 

bilayer.  

To get insight into the effects of MO on the dynamical processes in the 

lipid bilayer, QENS measurements were carried out for DODAB vesicles with 

and without MO at 310K and 330K, respectively. Typical QENS spectra for 

DODAB bilayer with and without MO at Q = 1.4Å-1 are shown in Figure 4.8.a 

at 310K. The significant broadening of the QENS spectra in the coagel phase 
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relative to instrumental resolution indicates to the presence of stochastic 

motion of the lipid molecules of DODAB. In presence of MO, this broadening is 

found to increase relative to pure DODAB, indicating an enhancement in the 

dynamics of the lipid molecules. On the length and time scales of QENS, lipid 

molecules can undergo (i) lateral motion in which the whole lipid molecule  

 

 

Figure 4.9. (a) Elastic incoherent structure factor (EISF) and (b) Γint for DODAB in presence 
and absence of MO in the coagel phase (310 K). The solid lines represent fits assuming the 
fractional uniaxial rotational model. 

diffuses within the monolayer and (ii) a relatively faster internal motion [57-

62]. Equation 3.10 is found to describe the QENS data quite well for the 

DODAB bilayer in presence and absence of MO in the coagel phase, at 310K, 

indicating that only internal motion of the lipid molecules are active which is 

consistent with rigid or tight packing of the lipid molecules in the coagel phase 

giving rise to a very slow lateral motion to be observed within the time scale of 

the IRIS spectrometer. Typical fitted QENS spectra for DODAB bilayer with 

MO in the coagel phase at 1.4Å-1 are shown in Figure 4.8.b. Components 

corresponding to lateral (dashed blue lines) and lateral + internal motions 

(dashed dotted magenta lines) of DODAB are also shown in the Figure 4.8.b-c. 

The variations of the different parameters (e.g. EISF and HWHMs) correspond 

to the underlying dynamics involved in different phases are discussed in the 

later sections. The obtained fitting parameters, EISF (A(Q)) and HWHM (Γint) 
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for DODAB in absence and presence of MO are shown in Figure 4.9.a and 

Figure 4.9.b respectively.  

Table 4.5. The dynamical parameters of DODAB with and without the MO in the 

fluid phase (330 K). 

Fluid Lateral motion Internal motion 

Dlat (X10-6 cm2/s) Rmax(Å) Dmax(X10-6 cm2/s) τMG (ps) 

DODAB 2.2±0.1 4.2±0.2 17.3±0.4 4.5±0.2 

DODAB-MO 1.7±0.1 4.5±0.2 14.3±0.4 4.9±0.2 

The lower EISF and the broader QENS signal relative to pure DODAB 

are indicative of increased flexibility of the lipid bilayer upon incorporation of 

MO. In the coagel phase, lipid molecules are more ordered and tightly packed 

but incorporation of MO induces disorder in the DODAB/MO (2:1) vesicles 

enhancing its flexibility. In order to investigate the dynamical behaviour in 

more details we have attempted to model the observed data. Based on the 

structure of the DODAB molecule, containing two methyl units in the head 

group and two octadecyl alkyl chains, the internal dynamics should consist of  

 

 

Figure 4.10. (a) Variation of HWHM (Γlat) with Q2 corresponding to lateral motion of 
DODAB with and without MO at 330 K. The solid lines correspond to the Fickian description. 
(b) The Q dependence of HWHM, Γint, corresponding to internal motion of DODAB bilayer in 
presence and absence of MO at 330 K. EISF’s for DODAB bilayer with and without MO are 
shown in inset. The solid line represents the fit obtained from localised translational diffusion 
model as described in text. 

motion of the methyl units (3-fold rotation) and that of the alkyl chains. The 

ordering and arrangement of the lipids in the bilayer manifest itself in the 
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model of internal dynamics of the lipids. In the coagel phase, the alkyl chain of 

the lipid has an almost all-trans conformation with almost no gauche defects. 

This feature translates into a uniaxial rotational model for internal dynamics 

wherein alkyl chains rotate uniaxially along their axes. It can be pictured as 

hydrogen atoms of CH2 units moving on the surface of a cylinder with a given 

radius, which corresponds to the radius of gyration in uniaxial rotational  

 

 

Figure 4.11. Fluorescence emission spectra of Acedan-18 in (a) DODAB (70 mM) and (b) 
DODAB (70 mM) in presence of 33 mol% MO at different temperatures. 

diffusion. Given the high ordering and close packing of lipids in the coagel 

phase, only a fraction of hydrogen atoms (px) was observed to be participating 

in the dynamical motion. Equation 3.13 is found to describe the observed EISF 

(Figure 4.9.a) very well for DODAB both in absence and presence of MO. The 

parameters, radius of gyration, a, and the mobile fraction of the dynamic lipid 

tail, px, have been obtained from least squares fitting of the EISF and are given 

in Table 4.4. It is found that for pure DODAB bilayer, only 13% of the lipid tails 

are undergoing uni-axial rotation in a circle of radius 1.7 Å. However, in 
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presence of MO, the fluidity of the membrane is significantly enhanced and the 

fraction of the mobile lipid tails increases to 41%. In addition, the radius of 

gyration (a) increases from 1.7Å to 2.3Å indicating enhancement in flexibility of 

the lipid tails. The rotational diffusion coefficient Dr and τMG are obtained from 

least-squares fitting of equation 3.12 to the HWHM (int). The values of Dr for 

the lipid tails in DODAB in absence and presence of MO are 14(±2) eV and 

21(±2) eV, respectively, whereas, the mean residence time (τMG) for the 

hydrogen atom in the methyl group in absence and presence of MO, are 6.7 ± 

0.3 ps and 4.7 ± 0.3 ps, respectively. These results in the coagel phase clearly 

show the role of MO as a plasticizer in enhancing the dynamics of cationic 

lipids in mixed vesicles. In the fluid phase, lipids are more loosely packed with 

a large area per lipid molecules making them more mobile. There is a notable 

increase in the gauche defects in the alkyl chains of the lipids compared to the 

coagel phase. These changes in the structural feature of the lipids necessitate a 

more dynamically rich model involving both internal and lateral motion of the 

lipids. The variations in HWHM (Γlat) with Q2 associated with the lateral 

diffusion of the DODAB lipids in presence and absence of MO are shown in 

Figure 4.10.a. In the fluid phase, MO acts oppositely to that in the coagel phase. 

Γlat is found to decrease on the addition of MO. For pure DODAB as well as 

mixed cationic (DODAB/MO) vesicles, Γlat varies linearly with Q2 suggesting a 

continuous diffusion model Γlat = DlatQ2 following Fick‟s law. The values of the 

diffusion coefficients, Dlat, of DODAB with and without MO are shown in Table 

4.5. In the fluid phase, MO is found to act as a stiffening agent restricting lateral 

diffusion of the lipid molecules. As for example, Dlat decreases from 2.2 

(±0.1)X10-6 cm2/s in pure DODAB to 1.7 (±0.1)X10-6 cm2/s in presence of 33 

mol% of MO. The addition of MO reduces the available free area per lipid and 

hence hinders the lateral diffusion of the lipid molecules. The HWHM (int) is a 

Lorentzian function that describes internal motions of the lipid molecules with 

and without MO and are displayed in Figure 4.10.b with corresponding EISFs 

(in the inset). EISF does not change much (Figure 4.10.b) upon the addition of 

MO indicating a mild effect on the nature of the internal motion of the DODAB 
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lipid molecules. However, int is reduced on addition of MO indicating 

retardation of the internal dynamics of the lipid molecules.  

 

Figure 4.12. Time-resolved anisotropy of Acedan-18 in DODAB in absence (a and c) and in 
presence (b and d) of 33 mol% MO in the coagel phase (310K) and liquid crystalline phase 
(330K).  

In the fluid phase, besides reorientational motion, lipid molecules can 

undergo various other internal motions (e.g. bending, stretching, etc.). The 

combination of these dynamical components can be approximated by a model 

in which the hydrogen atoms of a CH2 unit perform translational diffusion 

confined within a spherical domain. As the lipid tails have large gauche defects, 

that imposes restricted homogeneity in the dynamics along the alkyl chain. 

Hence, a linear distribution of radii and diffusivities along the alkyl chain is 

assumed. In this model, the CH2 units closest to the headgroup experience the 

highest restriction and therefore have the minimum radius (Rmin) and 

diffusivity (Dmin) within the linear distribution. Likewise, the radius and 

diffusivity would increase linearly along the alkyl chain as we move away 

from the head of the alkyl chain attaining maximum value of radius (Rmax) and 
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diffusivity (Dmax) for the last (CH3) unit of the chain. A 3-fold jump motion of 

the headgroup methyl units are treated in the same way as in the case of coagel 

phase. Least square fitting has been used to describe the EISF and int, 

assuming localized translational diffusion (LTD) model and are shown by the 

solid lines in Figure 4.10.b. This model is found to describe the experimental 

EISF and HWHM for both DODAB systems quite satisfactorily and the 

resulting fitting parameters are displayed in Table 4.5. The values of Rmin and 

Dmin are found to be unrealistically small for both the systems indicating 

negligible movement of the H-atoms in the first CH2 unit held by the 

headgroup. On addition of MO, the diffusivity corresponding to internal 

motion is reduced indicating that MO affects the internal motion of the lipid 

molecules. 

 

Figure 4.13. Picosecond-resolved emission transients of Acedan-18 in DODAB in absence (a) 
and in presence (b) of MO in the coagel phase (310K). Time-resolved emission spectra (TRES) 
in DODAB in absence (c) and in presence of MO in the coagel phase. 

The steady state fluorescence spectra of Acedan-18 are sensitive to 

solvent polarity. For example, its emission peak maximum is significantly red 
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shifted from 461 nm in dimethylformamide (DMF) to 522 nm in water, which is 

attributed to a highly polar excited state originating from an intramolecular 

charge transfer (ICT) process [63]. Figure 4.11.a shows temperature dependent 

fluorescence spectra of Acedan-18 in pure DODAB vesicles. The emission peak 

maximum is significantly red shifted (~30-35 nm) relative to DMF, but is 

moderately blue shifted (~20 nm) in comparison to aqueous buffer which is  

 

 

Figure 4.14. Picosecond-resolved emission transients of Acedan-18 in DODAB in absence (a) 
and in presence of MO (b) in the fluid phase (330K). Time-resolved emission spectra (TRES) of 
Acedan-18 in DODAB in absence (c) and in presence of MO (d) in the fluid phase.  

consistent with location of the dye in the interfacial region of the membrane. 

The fluorescence intensity is found to decrease with increase in temperature 

until up to 313K followed by a dramatic increase at 323K which corresponds 

closely to the melting temperature (327K) for transition from coagel to fluid 

phase. This may be attributed to increased disorder of the cationic lipid 

organizations due to increase of temperature which makes packing of the lipids 

in the membranes looser and enhances hydration of the bilayer interface region 
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at 313K relative to 283K. As result water induced non-radiative relaxation 

process becomes enhanced leading to a decrease in fluorescence intensity. This 

is consistent with slightly red shifted (~ 4-5 nm) emission spectra of Acdean-18 

at 313K relative to that at 283K. On further increase of temperature to 323K, 

near the phase transition, the dye likely relocates deeper in the lipid bilayer 

due to increased flexibility of the lipid chains, and becomes screened from 

perturbation of water molecules causing a significant increase of the 

fluorescence intensity relative to that at 313K along with a moderate blue shift 

(~10 nm). Incorporation of MO in DODAB gives rise to stronger fluorescence of 

Acedan-18 in the coagel phase (up to 313K) compared to that in pure DODAB 

(Figure 4.11.a and Figure 4.11.b) due to more efficient screening of the dye from 

perturbation of water molecules which is consistent with moderately blue 

shifted (~7-8 nm) fluorescence spectra in DODAB/MO systems relative to pure 

DODAB. When MO molecules incorporate in the DODAB vesicles, Acedan-18 

likely penetrates deeper in the lipid bilayer thus being less exposed to water. 

This is likely caused by increasing fluidity or flexibility of the lipid membrane 

in presence of the unsaturated lipid (MO) and this effect is found to be similar 

to the effect of phase transition in pure DODAB. Moreover, compared to pure 

DODAB, fluorescence intensity in the DODAB/MO mixed vesicles decreases 

continuously with a mild red shift in the peak maximum on an increase of 

temperature. This may be ascribed to increased non-radiative deactivation due 

to increasing temperature along with slightly increased exposure of the dye to 

water. It is also noteworthy that the effect of phase transition from coagel to 

fluid phase is not reflected in the fluorescence spectra of AC-18 in presence of 

MO unlike pure DODAB vesicles. This may be ascribed to weakening and 

broadening of the transition peak in DSC thermograms (Figure 4.7.b) in 

accordance with Oliveira et al. They also failed to detect the effect of phase 

transition on the fluorescence spectra of pyrene in DODAB/MO system with 

70 mol% of DODAB and attributed it to weakening and broadening of the 

transition peak in DSC thermograms. The steady state fluorescence spectra 

provide information on polarity of the lipid-water interface as well as its 
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change following phase transition in the absence and presence of MO. In order 

to probe the dynamics of the DODAB bilayer in presence of MO, we have 

carried out time resolved fluorescence measurements. Time-resolved 

anisotropy decays (Figure 4.12) of Acedan-18 were measured in the coagel and 

the fluid phase to probe the effect of MO on the fluidity or rigidity of the 

DODAB bilayer. The anisotropy decays, r(t), were analysed by the two-step 

wobbling in a cone model [41]. The anisotropy decay of Acedan-18 is  

 

 

Figure 4.15. Decay of the Solvation correlation function, C(t), for Acedan-18 in DODAB in 
absence and presence of 33 mol% of MO in the coagel phase (a) and in the fluid phase (b).  

characterized by two time constants with a much longer average rotational 

relaxation time (𝜙) of 1330 ps for pure DODAB in the coagel phase (310K, Table 

4.6) relative to buffer (~180 ps), which is consistent with significantly hindered 

orientational motion of the probe in the highly rigid lipid vesicles compared to 

bulk water. Upon the incorporation of MO, the average rotational time 

constant decreases significantly to 510 ps in the coagel phase relative to pure 

DODAB, indicating much faster orientational relaxation of the dye in the 
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former than the latter. This is consistent with remarkably increased flexibility 

of the dye environment in presence of the unsaturated lipid (MO). The average 

rotational time constant for pure DODAB in the fluid phase (~470 ps) is 

comparable to that of DODAB in presence of MO in the coagel phase, which 

clearly manifests the effect of the unsaturated lipid in enhancement of the 

membrane fluidity. In the fluid phase (330K), the average rotational relaxation 

time of Acedan-18 increases slightly (~6%) in presence of MO relative to pure 

DODAB indicating a mild increase in rigidity of the lipid bilayer. From the 

polarization-gated fluorescence anisotropy measurements, incorporation of 

MO is found to significantly increase fluidity of the DODAB bilayer in the 

coagel phase (310K) which becomes manifest in the faster orientational 

relaxation dynamics of the dye relative to that in pure DODAB. On the other 

hand, presence of MO in the fluid phase (330K) slightly increases rigidity of the 

lipid bilayer slowing down the orientational relaxation of Acedan-18.  

Table 4.6. Rotational time constants of Acedan-18 in different systems. 

System Φ1 ns (β1) Φ2 ns (β2) 𝜙/ns  

DODAB (310 K) 0.05 (87) 10 (13) 1.33 

DODAB-MO (310 K) 0.03 (95) 10 (5) 0.51 

DODAB (330 K) 0.05 (37) 0.71 (63) 0.47 

DODAB-MO (310 K) 0.14 (67) 1.21 (33) 0.50 

𝜙1, 𝜙2 are rotational correlation times, respectively and β1 and β2 are associated amplitudes 
represented in % within parentheses. 𝜙 is average rotational relaxation time = β1𝜙1 + β2𝜙2 

Figures 4.13 and Figure 4.14 display wavelength dependent fluorescence 

transients of Acedan-18 at three characteristic wavelengths. The decay and rise 

observed in the blue end (440 nm) and the red end (550 nm) of the emission 

spectra are characteristic of solvent relaxation [64, 65] around the excited state 

dipole of the fluorophore and is manifested by a time-dependent Stokes shift of 

the fluorescence spectrum. The kinetics of solvent relaxation in the lipid 

membrane is often interpreted in terms of the freedom of movement of water 

hydrating the membrane and is described by the solvation correlation function 

(C(t)). C(t), for the lipid vesicles decays (Figure 4.15) with two time constants 
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(τ1, τ2) indicating mediation of two types of water dynamics in relaxation of the 

local environment of the probe (Table 4.7). The faster component (τ1) may be 

ascribed to loosely bound water (intermediate interlamellar water), whereas, 

the longer relaxation component (τ2) likely originates from water molecules 

strongly bound to the polar head groups of the lipid molecules [38, 45].  

Table 4.7. Solvation time constants of Acedan-18 in different systems. 

System τ1/ns (a1) τ2/ns (a2) <τ>/ns 

DODAB (310 K) 0.10 (52%) 1.04 (48%) 0.55 

DODAB-MO (310 K) 0.06 (55%) 0.66 (45%) 0.33 

DODAB (330 K) 0.12 (50%) 1.08 (50%) 0.60 

DODAB-MO (330 K) 0.11 (28%) 0.90 (72%) 0.68 

τ1,τ2 are solvation correlation time; a1,a2 are corresponding amplitudes shown in % within 

parentheses ; <τ> = a1τ1 + a2τ2 is average solvation time 

However, the dynamics of the overall solvation response is a better 

descriptor of environmental relaxation rather than the dynamics of the 

individual water molecules due to the coupled nature of surfactant/protein 

and water motions in micelles, proteins etc. [64-67]. In consequence, the overall 

solvation response described in terms of average or integrated relaxation time 

(<τ>) serves as an efficient parameter to indicate flexibility/rigidity of the lipid 

bilayer. The decay of C(t) for DODAB (coagel phase, 310K) is characterized by 

two time constants of 100 ps (52%) and 1040 ps (48%), respectively, with an 

average solvation time (<τ>) of 550 ps (Table 4.7). Upon incorporation of MO 

the average relaxation time decreases significantly (330 ps) indicating faster 

relaxation dynamics of the probe environment in the coagel phase in presence 

of MO compared to pure DODAB. This may be ascribed to increased flexibility 

of lipid molecules in the bilayer of DODAB/MO vesicles compared to pure 

DODAB, which gives rise to much faster hydration (solvation) response in the 

former than the latter due to coupled nature of the dynamics of 

lipid/surfactant and associated water molecules. On the other hand, the 

average solvation time in the lipid bilayer of DODAB becomes moderately 

slower (~13%) in the fluid phase in presence of MO indicating the role of MO 
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as a stiffening agent for lipid vesicles in the fluid phase. In the fluid phase, 

incorporation of MO slightly increases rigidity of the lipid bilayers resulting in 

slower relaxation dynamics of the associated water molecules, which becomes 

manifested in the longer average solvation time (680 ps) than that of pure 

DODAB (~600 ps, Table 4.7). The decrease of the average solvation time (<τ>) 

in the coagel phase or its increase in the fluid phase on incorporation of MO is 

also consistent with the decrease or increase of the average orientational 

relaxation time (𝜙) (Table 4.6) confirming the effect of MO in increasing the 

fluidity or rigidity of the DODAB bilayer below and above the phase transition 

temperature, respectively. 

4.3. Conclusion: In summary, we have investigated solvation dynamics of 

DODAB based lipid vesicles in different phases using a neutral (C500) and an 

anionic dye (ANS) and the role of solvation in molecular recognition of an anti-

tuberculosis drug RF by the cationic vesicles. In comparison to C500 which 

mainly probes the solvation near the region of the methylene groups of the 

lipid hydrocarbon chains, ANS is anchored to the positively charged lipid 

headgroups and therefore probes the lipid-water interface. The reported 

solvation was bimodal with a faster relaxation component due to water 

molecules dynamically coupled with the conformational fluctuation of the lipid 

hydrocarbon chains, and a slower component arising from relaxation of water 

molecules strongly bound to the lipid head groups. In the subgel phase (10 0C) 

the overall solvation is slowest due to the predominance of the slower 

relaxation component, whereas near the gel phase (50 0C) solvation becomes 

faster due to enhanced intrinsic flexibility of the lipid alkyl tails relative to the 

subgel phase. With further increase in temperature, the solvation of C500 

becomes faster whereas that of ANS becomes slower in the liquid crystalline 

phase (70 0C) compared to that at 50 0C. This is because ANS being located in 

the lipid-water interface senses the effect of increased hydration of the polar 

head groups in the liquid crystalline phase compared to that at 50 0C, whereas 

C500 is likely located deeper in the lipid bilayer and mostly senses increased 
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flexibility of the lipid alkyl tails. As for the recognition of an anti-tuberculosis 

drug RF in the lipid bilayer intrinsic flexibility of the DODAB monomers plays 

a key role as dynamic reorganization of the lipid alkyl tails helps in 

incorporation of the drug by the lipid vesicles. ANS reveals a significant 

enhancement of intrinsic flexibility of the lipid alkyl tails near the gel phase (50 

0C) compared to the subgel phase or the liquid crystalline phase. The enhanced 

intrinsic flexibility of the lipid alkyl tails at 50 0C aids in significant 

incorporation of RF in the lipid bilayer in close proximity of ANS leading to 

optimal molecular recognition relative to that in the subgel (10 0C) or the liquid 

crystalline phase (70 0C). In addition to the dynamic reorganization of the lipid 

alkyl chains, water molecules strongly bound to the lipid head groups optimize 

the electrostatic interactions of the competitive binding partners ANS and RF 

with the cationic lipids as well as those between them in the lipid-water 

interface. Together the intrinsic flexibility of the lipid alkyl tails and interfacial 

hydration contribute to optimal molecular recognition of the anti-tuberculosis 

drug by the DODAB based vesicles, which is achieved in the gel phase (50 0C) 

than that at the subgel (10 0C) or the liquid crystalline phase (70 0C). 

Additionally we have highlighted the role of an unsaturated lipid MO 

on the dynamical and the phase behaviour of a lipid (DODAB) bilayer. Elastic 

intensity scan measurements and DSC thermograms show that in the heating 

cycle, in presence of MO, coagel to fluid phase transition is found to take place 

at a lower temperature and the transition gets broadened. In the cooling cycle, 

in case of DODAB with MO, no intermediate gel phase is observed like pristine 

DODAB indicating that MO induces synchronous ordering between the polar 

headgroups and the non-polar tails of the cationic lipids. Quasi-elastic neutron 

scattering (QENS) studies and polarization-gated anisotropy measurements 

have revealed that in the coagel phase (310K), MO acts as a plasticizer 

enhancing significantly the dynamics of the lipid molecules and hence 

membrane fluidity of the DODAB bilayer. On the contrary, in the fluid phase, 

MO acts as a stiffening agent where it restricts lateral and internal motions of 

the lipid molecules and hinders orientational relaxation of the probe compared 
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to the coagel phase. The dynamics of solvation response of the lipid bilayer is 

significantly faster for the structurally more flexible DODAB-MO vesicles 

relative to pure DODAB in the coagel phase (310K), whereas, it becomes 

moderately slower in the fluid phase (330K) indicating increased rigidity of the 

DODAB bilayer in presence of MO. Our present work reflects how a specific 

(cationic) model lipid membrane (DODAB) restores fluidity in the coagel 

(ordered) phase at 310K upon incorporation of unsaturation (in the form of 

MO) and thus provides a coherent picture between the structure and the 

dynamics of biomimetic membranes. 
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Chapter 5 

Spectroscopic Studies on Photosensitization of a 

Biomimetic System and its Interaction with 

Biological Cell Lines 

5.1. Introduction: Potential therapeutic (cargo drug) encapsulation coupled 

with stimuli responsiveness of drug delivery systems (DDS) have gained 

tremendous attention in recent years [1, 2]. It not only eludes the possibilities of 

premature drug release but also improves the therapeutic efficacy by the 

means of enhanced spatio-temporal accumulation of the therapeutic payload 

[3, 4]. This further lowers the cytotoxic effect of the therapeutic drug other than 

the tumor sites and also favors overcoming the drug resistance [5, 6]. These 

classes of DDS are mostly composed of three ingredients (i) a tumor targeting 

therapeutic carrier (ii) an external stimuli sensitive agents that can destabilize 

therapeutic carrier for efficient drug delivery (iii) a drug capable for tracking 

the spatial distribution, localization, and depletion from the DDS. Owing to the 

encapsulation characteristics and biocompatibility, liposomes recommend 

them as efficient carriers for therapeutic agents [7]. Out of the various 

published methods for triggering the release of drug molecules from liposome, 

photoinduced destabilization is a particularly attractive method for providing 

fast reaction rates [8]. Photo induction or light triggering generally offers the 

great benefit of not affecting physiological parameters such as temperature, pH 

and ionic strength, a fundamental requisite for biomedical applications [9, 10]. 

Liposome can be made photosensitive by using photochromic agents that 

isomerize [11-13], polymerize [14-16], fragment [17] or induce oxidative 

reactions [18, 19] upon irradiation [20, 21]. 

 Many studies have reported changes in the permeability of vesicles 

toward ions and low molecular weight water-soluble compounds upon 
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irradiation [14, 22]. In contrast, biopolymers do not easily cross the membrane 

owing to the combined effects of conformation [23] and electric charge [24] and 

a drastic change in liposome morphology is required. Riske and co-workers 

reported morphological changes (bi-layer destabilization) in vesicles of 

mixtures of phosphatidylcholine and amphiphilic porphyrin which works as a 

photosensitizer [19]. Although the morphological changes observed are 

remarkable but their system has a high molar ratio of photoresponsive 

amphiphile to membrane lipid (>40 mol%), which is in comparable to the 

composition of biomembranes. In this regard, investigations have been 

conducted on liposomes containing photoresponsive compounds such as 

azobenzene, stilbene, spiropyran [22, 25, 26], and photo-polymerizable lipids 

[14, 15], wherein the lipid membrane is destabilized by light. Photosensitive 

proton sources such as 3,3-dicarboxydiphenyliodonium salts allow for efficient 

destabilization of the phosphatidylcholine bilayer by adsorption of the 

hydrophobic polyelectrolyte, but result in vesicle-to-micelle transition, and 

consequently, corroborate complete solubilization of the membrane [27]. Since 

solubilization of the vesicles results in cytotoxicity, cellular uptake of drugs in 

the targeted domain without any solubilization is desired for ideal drug 

delivery systems. Therefore, it is necessary to ensure photo-triggered 

destabilization of phosphatidylcholine membrane without disruption of the 

liposome structure. 

Herein, we have used a synthesized photochromic dye 

dihydroindolizine (DHI) to investigate its efficacy in photoresponsive 

destabilization of phosphatidylcholine liposome, which is used as potential 

drug delivery vehicles. Photochromic DHI dye has received much attention 

owing to its remarkable photo-fatigue resistance and broad range of 

absorption. Specifically, DHI can undergo a reversible transformation from 

light yellow colored isomer to red-colored betaine isomer upon UVA 

irradiation with an increase in the polarity associated with the structural 

conversion from neutral (closed form) to charge-separated zwitterions (open 

form) (Scheme 5.1) [28, 29]. This structural conversion of DHI from closed to 
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open isomer can fluctuate or defect the liposomal membrane by mechanical 

stress and leads photoresponsive destabilization to liposome. Besides 

destabilization, photochromic agents can affect the liposome by various 

processes including aggregation [30, 31], fusion [22, 32, 33], and total 

membrane disruption [34]. Hence, we have monitored the entire possible 

phenomena by using time resolved fluorescence spectroscopy by labelling the 

liposome with fluorescent probe 8-anilino-1-naphthalenesulfonic acid 

ammonium salt (ANS). The picosecond resolved fluorescence transients and  

 

 

Scheme 5.1. Structures of the closed and open isomers of DHI. 

polarization gated spectroscopy studies of ANS attached to hydrophobic core 

of liposome confirm higher permeability of liposome upon closed to open 

isomerization of DHI. The solvatochromic property of ANS has been used to 

study the dynamics of solvation and also to eliminate the possible existence of 

membrane disruption (like membrane solubilisation and vesicles to micelles 

conversion) in the studied systems upon light irradiation. Förster resonance 

energy transfer (FRET) techniques between the FRET pair ANS (incorporated 

to one set of liposome) and doxorubicin (encapsulated to other liposome 

system) have successfully manifested the possibility of liposome fusion by the 

course of photo triggered bilayer destabilization. Based on these 

photoresponsive microstructural changes of liposome, the in vitro drug release 

profile of cargo drug (DOX) has been studied through dialysis method. We 

have also investigated the therapeutic efficacy of DOX delivery from liposome 

to cervical cancer cell line HeLa. Our FACS, confocal fluorescence microscopic 

and MTT assay based studies reveal an enhanced cellular uptake of DOX 
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leading to significant reduction in cell viability of HeLa due to photoresponsive 

destabilization of liposome. Hence, we successfully established the DHI 

encapsulated liposome as a promising and model drug delivery vehicle. 

5.2. Results and Discussion:  

5.2.1. Photo-triggered Destabilization of Nanoscopic Vehicles by 

Dihydroindolizine for Enhanced Anticancer Drug Delivery in Cervical 

Carcinoma [35]: To elucidate the consequence of photo-sensitive isomerization 

of DHI to liposome bilayer, primarily the interaction of DHI with liposome  

 

 

Figure 5.1. (a) Absorption spectra of DHI in liposome: closed and open isomers. (b) Kinetics of 
the open to closed transition of DHI in liposome (SD = + 0.008, n = 3). Inset shows the 
corresponding closed to open conversion rate (SD = + 0.003, n = 3). (c)  Steady state emission 
spectra of ANS in buffer, ANS bound to PC and PC-DHI in presence and absence of UVA 
light. (d) Time-resolved transients of ANS, ANS bound to PC and ANS bound to PC-DHI in 
the presence and absence of UVA light. 

(PC) was studied. Figure 5.1.a represents the optical absorption spectrum of the 

neutral form of DHI in liposome bilayer having peak maxima at 410 nm. A 

redshift in the absorption spectra of DHI relative to that in acetonitrile solution 



129 
 

having absorption maxima at 390 nm confirms the ground-state complexation 

of the photochromic dye with the liposome [36]. The reversible transformation 

of DHI from closed to open configurations in the liposome was evident from 

the decrease of the absorption peak at 410 nm and the concurrent increase of 

the strong peak at 520 nm. These absorption bands can be assigned to the 

locally excited π-π* transition that occurs in the butadienyl-vinyl-amine 

chromophores. To evaluate the photochromic behavior of DHI in liposome, 

photo isomerization reaction kinetics was monitored by measuring the change 

in absorbance at 520 nm. While UVA triggered closed to open transition of DHI 

corroborates increased in absorbance at 520 nm (shown in inset of Figure 5.1.b), 

whereas thermal relaxation leading open to closed transition of DHI was 

confirmed by decrease in absorbance at 520 nm (shown in Figure 5.1.b). The 

values of rate constant (t) for closed to open and open to closed isomerization 

of DHI were found to be 150 s and 340 s, respectively. The significant increase 

of t for DHI in liposome with respect to acetonitrile solution was thought to be 

resulted from hindered and slowed isomerization process due to the 

incorporation of DHI into the liposomes bilayer.  

After subsequent validation of the DHI incorporation to liposome, 

consequence of different isomerization of DHI on liposome stability is 

monitored by using fluorescent probe 8-anilino-1-naphthalenesulfonic acid 

ammonium salt (ANS) which is commonly used to monitor the structural 

changes of proteins and membranes [37]. Figure 5.1.c represents the steady-

state fluorescence spectra of ANS in liposome (~480 nm) which is found to be 

markedly blue shifted compared to buffer (~520 nm) indicating that the local 

polarity around ANS is lower than that of bulk water. Furthermore, the 

similarity in the position of the emission peak maximum of ANS in the 

liposome to that in CHT protein (~ 480 nm) is consistent with the fact that the 

dye resides in the hydrophobic bilayers of the liposome [38]. The fluorescence 

intensity as well as emission peak maximum of ANS-PC is observed to be 

similar to ANS-PC-DHI complex under dark condition, revealing the fact that 

ANS molecules are not detached from PC upon encapsulation of DHI to same 
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hydrophobic bilayer of the liposome. However, the fluorescence intensity of 

ANS-PC-DHI is found to be decreased along with a small red-shift (~ 5 nm) in 

emission maximum upon UVA irradiation. This suggests that ANS is now 

experiencing higher polarity upon closed to open transition of DHI. The higher  

 

 

Figure 5.2. Picosecond-resolved transient of ANS at three different wavelengths in (a) PC-DHI 
in dark condition and (b) PC-DHI in presence of UVA light. (c, d) Time-resolved emission 
spectra (TRES) of corresponding systems are shown. Insets depict the corresponding solvation 
correlation decay profile of ANS. 

polarity around ANS due to UVA irradiation on DHI could occurs either due 

to displacement of some ANS toward bulk solution or due to increase in 

permeability of liposome because of its destabilization. Figure 5.1.d shows 

picosecond-resolved transients of ANS bound PC which is found to be multi-

exponential in nature with average decay time constant of 3.0 ns. The 

fluorescence transient of the ANS-PC-DHI complex is found to be faster upon 

UVA irradiation (average decay time of 1.3 ns) than that of the dark condition 

(average decay time of 2.8 ns). The faster fluorescence decay along with the 

reduced quantum yield of ANS-PC-DHI upon UVA irradiation also indicates 

the enhancement of non-radiative relaxation due to increase in mobility of the 

solvating species. The enhancement of polarity around ANS could occur due to 
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photoresponsive destabilization of liposome. As DHI is hydrophobic under 

dark conditions, it used to encapsulate in the lipid bilayer of liposome. Once 

irradiated by UVA light, DHI isomerize from closed form to open form. Since 

the size and polarity of open form of DHI is different (higher) hence the 

orientation of open form will be different from that of closed form of DHI. 

Thus, under UVA irradiation, the liposomal membrane would be disturbed by 

the reorientation of open isomer and leads to increase in membrane 

permeability by mixing the inner components of the liposomes with outer 

components in aqueous solution.  

Table 5.1. Fluorescence lifetimes of ANS in different systems. 

System/Wavelength  τ1 + SD ns [%] τ2 + SD ns[%] τ3 + SD ns [%] τavg ns χ2 

PC/480 nm 0.12+0.01(33) 1.04+0.05 (22) 6.22+0.21 (45) 3.07 1.03 

PC-DHI/430 nm 0.13+0.01(58) 0.92+0.04 (27) 5.71+0.28 (15) 1.17 1.04 

PC-DHI/480 nm 0.12+0.01(35) 1.08+0.05 (23) 6.00+0.30 (42) 2.82 1.05 

PC-DHI/550 nm 0.17+ 0.02 (-5) 0.16+0.01 (29) 6.17+0.31 (76) 4.72 1.05 

PC-DHI-UVA/430 nm 0.12+0.01(68) 0.84+0.04 (25) 4.38+0.21  (7) 0.61 1.08 

PC-DHI-UVA/480 nm 0.15+0.01(46) 1.04+0.05 (31) 3.99+0.19 (23) 1.31 1.04 

PC-DHI-UVA/550 nm 0.18+0.01(38) 1.26+0.06 (28) 3.77+0.18 (34) 1.70 1.03 

For various systems, the wavelengths (nm) and standard deviation (SD) of time-resolved decay 
measurements are shown. The amplitudes corresponding to the relevant decay components are 
shown within the parentheses. 

The ability to induce destabilization by light suggests many interesting 

primary processes involved in changing the liposome reconstruction. Beside 

bilayer destabilization, photoresponsive agent have various effects on 

liposomes, including fusion [32, 33, 39], rearrangement of bilayer [30, 31] and 

total membrane perturbation (i.e. transformation into micelles or solubilization 

of the lipid membrane) [34, 40]. However the eminent role of water during the 

course of perturbation/rearrangement cannot be neglected as it plays a major 

role in assembly of macromolecular structure and dynamics. Hence to 

understand the dynamic nature of water molecules at the liposome bilayer 

during photoresponsive destabilization, time resolved Stokes shift (TRSS) 

could be useful techniques to estimate the environmental relaxation of 
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biomolecules over a broad time scale. Figure 5.2.a shows the wavelength-

dependent emission transients of ANS in PC-DHI complex under dark 

condition at three characteristic wavelengths. The time resolved fluorescence at 

the blue and the red end is characterized by decay and a rise, respectively, 

indicating the picture of solvation dynamics, a phenomenon which represents 

the rate at which the solvent dipoles/charged species are rearranged, 

surrounding an instantaneously created dipole. Upon UVA irradiated closed to 

open transition of DHI, the transients of ANS in PC still show wavelength 

dependency, however, with a decrease in the time constants as shown in Figure 

5.2.b (Table 5.1). Figure 5.2.c and Figure 5.2.d show the constructed time-

resolved emission spectra (TRES) of ANS-PC-DHI with a spectral shift of 1012 

cm-1 and 959 cm-1 in dark and UVA irradiated condition, respectively, in a 4 ns 

time window. ANS bound to PC-DHI in dark (inset of Figure 5.2.a) exhibits 

bimodal solvation dynamics with time components of 0.17 ns (40%) and 1.24 ns 

(60%), respectively. which are consistent with our previous studies on the 

solvation dynamics of liposome [41]. Upon UVA irradiation, both the two time 

components becomes faster, indicating increased polarity in the bilayers 

however presence of longer component represents ANS is still attached to the 

liposome systems. As both these components are slower than the sub 

picosecond solvation time scale reported for the bulk water [42] hence we can 

conclude that UVA irradiated isomerization of DHI could destabilized bilayer 

without any membrane disruption. This observation confirms the absence of 

membrane disruption i.e. liposome to micelle transition upon UVA irradiation. 

To ascertain the geometrical restriction of the probe in the bilayer region, 

we measure the time-resolved rotational anisotropy of the ANS in dark and 

UVA irradiated PC-DHI complex (Table 5.2). The time-resolved anisotropy 

decay of ANS-PC-DHI, shown in Figure 5.3.a, revealed a rotational time 

constant of 8.09 ns attributed to the overall global tumbling motion of the 

liposome. With UVA irradiation the r(t) decay of the ANS-PC-DHI complex 

(Figure 5.3.b) exhibited one faster component of 0.71 ns due to the internal 

rotation of the fluorophore relative to the liposome (wobbling of the probe), 



133 
 

indicating a progressive release of restriction on the probe might be due to 

increase in the mobility of solvating species. However presence of a slow 

component of the rotational time constant indicates ANS is still bound to the 

 

 

Figure 5.3. Time-resolved anisotropy of ANS bound to PC-DHI in presence of (a).dark and (b) 
UVA light. Picosecond-resolved transients of the donor-acceptor in the absence and presence of 
UVA light, (c) donor is (ANS-PC-DHI) and acceptor is (DOX-PC-DHI) and (d) donor is 
(ANS-PC-DHI) and acceptor is free DOX. Insets depict the corresponding spectral overlap 
between donor (ANS-PC-DHI complex) emission and acceptor (DOX-PC-DHI) absorbance. 

surface of the liposome. This change is also manifested in the observed faster 

solvation dynamics of ANS bound to PC at UVA irradiated closed to open 

transition of DHI. Thus, the observed correlation between faster solvation 

dynamics and flexible internal motion of liposome corroborates that UVA 

irradiated isomerisation of DHI destabilizes the local environment of the 

bilayers of liposome without membrane disruption. In the latter case the 

dynamics of solvation is expected to be much faster (bulk water type) than the 

observed change of average solvation time constant from ~ 810 ps to 580 ps 

upon UVA exposure. 
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Table 5.2. Solvation correlation time constants and rotational time constants of ANS 

encapsulated in PC-DHI at different conditions. 

System Solvation time constants Rotational time constants χ2 

 τ1 + SD ns [%] τ2+SD ns[%] τ1+ SD ns [%] τ2+ SD ns [%]  

Dark 0.17+0.01(40) 1.24+0.06(60) - 8.09+0.24(100) 0.96 

UV 0.15+0.01(43) 0.91+0.04(57) 0.71+0.0 3(17) 4.66+0.09(83) 0.88 

For various systems, the standard deviation (SD) of time-resolved decay measurements is 
shown. The amplitudes corresponding to the relevant solvation and rotational components are 
shown within the parentheses. 

After revealing that the irradiation of DHI induces liposome 

destabilization in the absence of total solubilization of the lipid membrane, we 

examined the possibility of other two processes i.e. rearrangement of bilayer 

and fusion between liposomes, induced by DHI. To understand the fusion 

phenomenon, Förster resonance energy transfer (FRET) techniques was used 

which offers a unique opportunity to measure an efficiency of energy transfer 

when donor and acceptor comes in proximity of each other. In order to monitor 

the fusion process, ANS was encapsulated in a group of liposome and 

doxorubicin (DOX) was encapsulated in another were both the two type of 

liposome was having DHI. Inset of Figure 5.3.c shows a spectral overlap 

between ANS-PC-DHI emission and the absorption of the DOX-PC-DHI (J(λ) = 

4.4X1014) suggests a possibility of FRET from ANS to DOX. The average 

lifetime of ANS in presence of mixer of two liposome decreased from 2.40 ns in 

dark condition to 0.47 ns upon UVA irradiated (Table 5.3). The energy-transfer 

efficiency was calculated to be 80%, as a consequence, the ANS-DOX distance 

is found to be 2.6 nm. We confirmed in a separate experiment that simple 

dilution of DOX in the medium containing ANS-PC-DHI does not cause the 

quenching of ANS fluorescence outside the liposome upon UVA irradiation 

(Figure 5.3.d). It has to be noted that the marginally faster time constant of 

ANS-PC-DHI in presence of free DOX upon UVA irradiation is the signature of 

fast relaxation of ANS due to destabilization of bilayer. Therefore, the 

quenching of ANS fluorescence may take place when the ANS-encapsulating 

liposomes are fused together with the DOX-encapsulating liposome in 

presences of UVA light. The finding also indicates that UVA irradiated DHI 
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sensitized liposome could not induce the rearrangement leading to inclusion of 

lipids from external sources. The rearrangement would not cause quenching of 

ANS emission. 

 

Figure 5.4. (a) Hydrodynamic diameter of PC-DHI in absence and presence of UVA light. 
SEM images of PC-DHI in (b) dark condition and (c) upon UVA-irradiation. 

The effect of photoresponsive membrane destabilization on the change 

in liposome morphology was also monitored by investigating the size of 

liposomes before and after UVA-irradiation. Figure 5.4.a show the DLS spectra 

of liposome which was found to be polydispersed with ~40–500 nm of size 

distribution. Due to UVA-irradiation, these peaks had divided into three peaks 

at 40 nm, 500 nm and 3000 nm. The significant increase in size also indicates 
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not only the expansion but also the possibilities of fusion of liposomes. The size 

distribution of liposomes verified the vesicle structures existed in both 

conditions. Moreover, in order to investigate the liposome fusion at lower 

concentration, we have performed DLS experiment with lower PC 

concentration values (data not shown). It is observed that the DHI-sensitized 

liposomes of ~ 50 µm PC concentration, undergo fusion upon UVA exposure 

with relatively lower degree of fusion due to dilution leading to higher inter-

liposome distance. Figure 5.4.b and Figure 5.4.c gave the morphological 

changes of liposomes due to UVA irradiation. Figure 5.4.b shows the spherical 

shape of liposomes in dark which confirmed that encapsulation of DHI doesn‟t 

hampered the morphology of liposome. When irradiated with UVA light, the 

liposomes of larger sizes and distorted shapes had been observed after photo 

isomerization. In a word, their liposome structures were still intact and 

exhibited no solubilized membrane even after being irradiated by UVA light. 

This finding is consistent with the results obtained by our time resolved 

spectroscopic studies.  

Table 5.3. Fluorescence lifetimes of ANS-PC-DHI in different systems. 

System τ1 + SD ns [%] τ2 + SD ns [%] τ3 + SD ns [%] τavg ns χ2 

DOX-PC-DHI 0.11+0.01(47) 1.08+ 0.05(19) 6.04+ 0.30(34) 2.40 1.05 

DOX-PC-DHI (UVA) 0.09+0.01(60) 0.59+ 0.02(29) 2.36+ 0.11(11) 0.47 1.02 

DOX 0.13+0.02(40) 1.06+ 0.05(25) 5.29+ 0.26(35) 2.3 1.03 

DOX-UVA 0.14+0.01(45) 1.00+ 0.05(32) 4.26+ 0.21(23) 1.37 0.99 

For various systems, the standard deviation (SD) of time-resolved decay measurements is 
shown. The amplitudes corresponding to the relevant decay components are shown within the 
parentheses. 

Based on the photoresponsive properties and microstructural change 

investigated above, DHI-liposome could be considered as photoresponsive 

drug delivery system. As the liposome were closed and contained an inner 

aqueous compartment hence they showed the ability to entrap water-soluble 

dyes. The hydrophilic cargo drug DOX was used as a model drug, which was 

loaded into the internal aqueous phase of the liposome. Figure 5.5.a shows the 
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release behavior of DOX from PC by UVA irradiation. The amount of DOX 

released out from the PC into the external medium was proportional to the 

change in fluorescence intensity. A burst release is found to occurred upon 

UVA irradiation at the 30 minutes followed by a slower sustained release up to 

1 h, which is comparable to the other drug delivery systems [8, 43]. We have 

found the spontaneous release of DOX was observed in the group without 

UVA irradiation as DOX absorbed on the surface of the liposome diffused to 

the outside medium when the samples were dispersed in aqueous solution. It 

has to be noted that, the leakage of DOX in the group without UVA irradiation 

was not entirely attributed to the burst release. Although HeLa cell is quite 

older but still drug release from vehicles has been executed on HeLa as model 

cancer cell [44]. As our judgement is along the line of recent literature hence we 

have considered HeLa as model cancer cell. Safety and efficacy are the 

necessary features that to be taken care of when investigating the potential use 

of the PC-DHI liposome as a drug delivery system. From the decades, 

liposomes are used for the drug delivery system because of its low toxicity, 

however photochromic agents used for triggering delivery vehicles are not 

always found to be biocompatible [45]. Hence, the cytocompatibility of the 

carrier PC-DHI was first evaluated against human epidermal keratinocyte cells 

(HaCaT cell line). The power of the UVA source and time of UVA exposure 

was also optimized using the same cell line (data not shown). The therapeutic 

efficacy of the drug loaded liposome was evaluated against cervical cancer cell 

line HeLa by exposing the cells directly to the PC-DHI-DOX in presence or 

absence of UVA (Figure 5.5.b). In this case also, the cell viability for PC-DHI 

was reduced only by 6 percentages than that of control indicating the 

cytocompatibility of PC-DHI formulation. It was observed that the cytotoxicity 

of DOX loaded-liposome (PC-DHI-DOX) was markedly enhanced following 

UVA irradiation in HeLa cells. Cell viabilities were about 60% after 24 h 

incubation with PC-DHI-DOX without UVA irradiation. In comparison, they 

decreased by more than 40% with UVA irradiation. UVA light induced a low 

cytotoxicity, only 5% compared to PC-DOX in dark, indicating DHI is solely 
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responsible for higher delivery of the drug to the cell leading to more 

cytotoxicity upon UVA exposure. 

 

Figure 5.5. (a) Release profile of DOX from PC-DHI in absence (SD = + 0.4, n=3) and 
presence of UVA light (SD = + 0.9, n=3). (b) Cytotoxicity assay in HeLa cells with PC-DHI, 
PC-DOX, and PC-DHI-DOX with MTT as an indicator dye in the presence and absence of 
UV light. (c) Confocal microscopy images of HeLa cells treated with PC-DOX liposome and 
PC-DHI-DOX liposome both in absence and presence of UVA light (d) Flow cytometry of 
HeLa cells treated with PC-DOX liposome and PC-DHI-DOX liposome both in absence and 
presence of UVA light. 

Further, the DHI-assisted delivery of the drug to the cells under UVA 

exposure was confirmed both qualitatively as well as quantitatively by the help 

of confocal microscopy and flow cytometry. Qualitative analysis of the confocal 

fluorescence micrographs clearly showed that under UVA exposure, cellular 

uptake of DOX in the HeLa cells treated with PC-DHI-DOX was quite higher 

with respect to the other three systems as evident from the variation in 

intensity of red colour in Figure 5.5.c. The flow cytometry based quantitative 
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analysis (Figure 5.5.d) revealed that % of cell populations that underwent DOX 

uptake was higher (98.3%) in the case cells treated with PC-DHI-DOX under 

UVA exposure in comparison to PC-DHI-DOX treated cells in dark condition 

(81.8%). Cells treated with PC-DOX shows no significant changes upon UVA 

irradiation. These findings altogether indicates higher DOX delivery by UVA 

trigger PC-DHI liposome (Scheme 5.2). The results presented in this study 

indicated that DHI encapsulated liposome could serve as a safe and promising 

drug delivery vehicle. 

 

Scheme 5.2. Schematic representation of the photo-triggered release of DOX payload from PC 
liposome controlled drug delivery. 

5.3. Conclusion: In this study, we have investigated the photo-controlled 

alteration of liposome (L-α-phosphatidylcholin) dynamics and morphology via 

the incorporation of a new class of synthesized photochromic material, 

dihydroindolizine (DHI). The light-induced reversible pyrroline ring opening 

(zwitterion form) and the thermal back recovery reaction are responsible for its 

photochromism. We have demonstrated that structural conversion of DHI from 

closed to open isomer can fluctuate or defect the liposomal membrane by 

mechanical stress and hence responsible for fabrication of light trigger drug 

delivery systems. This destabilization causes an increase in the membrane 

permeability without complete disruption or solubilization of the liposome 

under irradiated conditions was manifested by time-resolved fluorescence 

spectroscopy of ANS bounded to liposome. A faster solvation dynamics in 

liposome upon light exposure compared to the dark condition rules out the 
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presence of membrane destruction which has also been evidenced by time 

resolved polarization gated spectroscopy studies. Absence of an isoemissive 

point in TRANES further rules out the heterogeneity in the residence of ANS 

molecules upon destabilization of bilayer. The fusion between the liposomes 

leading to morphological changes under UVA irradiation was confirmed by 

using SEM as well as by FRET technique by incorporating ANS and DOX in 

different sets of liposome. The ability of DHI toward its photoresponsive 

properties and subsequently leading to microstructural change fabricates it to 

be considered for potential photoresponsive drug delivery system. 

Furthermore, the liposome had a strong and quick interaction with HeLa cells 

and enhanced significant cytotoxicity to the cells upon UVA irradiation. 

Confocal fluorescence microscopic and flow cytometry studies also revealed 

that the light triggered DHI encapsulated liposome have high drug delivery 

efficiency into HeLa cells. Overall, our study showed that these DHI 

encapsulated liposomes have potential application as a smart photosensitive 

drug delivery system for cervical carcinoma. 
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Chapter 6 

Spectroscopic Studies on a Novel Fluorescence 

Probe for Interfacial Biomolecular Recognition 

6.1. Introduction: Understanding complex phenomena emerging as a result 

of multi-scale dynamic biological interactions is one of the major challenges in 

contemporary biology [1-3]. Solvation dynamics is a powerful technique for the 

quantification of relaxation phenomena of biological macromolecules and have 

found increasing use in the study of biomolecular surfaces and interfaces [4-

10]. In a typical solvation dynamics experiment the relaxation of a fluorophore 

is carefully monitored following photo excitation by a 

femtosecond/picosecond laser pulse [11, 12]. For an ideal fluorophore with less 

complicated excited state events, the relaxation dynamics is essentially 

governed by the solvent molecules in the immediate vicinity of the probe [13]. 

In case of a fluorophore covalently attached to the biological macromolecules 

the surface exposure is found to be an issue for the investigation of relaxation 

dynamics [14]. The issue becomes more vital in the case of interfacial relaxation 

dynamics of a biological macromolecule in contact with other biological and 

biomimetic surfaces. While indigenous fluorophores (fluorescent amino acids 

in protein and bases in DNA) are suffering from complicated excited state 

photo-physics, attachment of extrinsic probes may perturb the local structure 

of biomolecules [15, 16]. Sometimes non-covalently bound fluorophores 

become very effective in the investigation of biological surfaces, because of 

their selective attachment being governed by specific physical forces which 

includes Coulombic, hydrophobic or dipolar interaction [17]. But, for the 

obvious reason, a non-covalent solvation probe for the surface of a biomolecule 

may not be useful for the investigation of the interface of the biomolecule with 

another biological or biomimetic surface. For example in a study, 

electrostatically bound 2-(p-toluidino) naphthalene-6-sulfonate (TNS) has been 
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used to investigate the surface polarity of Histone 1 (H1) protein, which is 

found to be displaced to bulk water upon complexation of the protein with 

genomic DNA [18]. Thus investigation of surface and interface of a biological 

macromolecule using a non-covalently bound fluorophore is quite challenging 

and such reports are sparse in the literature.  

Here, we have synthesized a fluorescent probe 6-acetyl-(2-((4-

hydroxycyclohexyl) (methyl) amino) naphthalene (ACYMAN), which is a 

derivative of Acedan [19] for the investigation of biological interface. 

ACYMAN is moderately polar in the ground state (ground state dipole 

moment ~ 2.0 D), however,  upon UV excitation, undergoes an intramolecular 

charge transfer (ICT) reaction to become highly polar in the excited state 

(excited state dipole moment ~ 7.1 D) and is known to display solvent-polarity 

sensitive fluorescence similar to Acedan [19]. The dye (ACYMAN) has a 

moderate fluorescence quantum yield in water (10%), and possesses good 

solubility in water (~ 10-4 M) which makes it suitable for studying the protein-

water interfaces. For the present study, we have taken the interface of a nuclear 

protein H1 (cationic) and an anionic surfactant (SDS) as model system for the 

investigation of interfacial solvation dynamics and compared the same with 

that at the micellar surface. The H1-SDS (much below the critical micellar 

concentration (CMC) of the anionic surfactant) system under investigation is 

also biologically important as the interaction with the anionic SDS monomers 

induces helical structure in the H1 protein as evidenced from our CD studies. 

Such observation of induction of the helix structure in protein upon 

electrostatic interaction with DNA has been reported [20, 21], which is 

concluded to be one of the key factors in chromatin condensation [4, 22]. While 

the dynamics of hydration at the surface of H1 is reported to be ultrafast (up to 

few picoseconds) in nature, the interfacial dynamics upon the formation of 

electrostatically driven interface is sparse in the literature. One of the earlier 

studies concluded that the interfacial dynamics at the junction of H1-DNA 

complex is not much different from that of the protein surface itself [18]. 

However, the femtosecond resolved experiment was performed with 
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covalently labeled dansyl probe inviting the possibility of local structural 

perturbation in addition to losing information on the slower dynamics of 

structurally ordered water (SOW) molecules which are relevant to the 

structural transition of the biomolecule [23]. We have used the noncovalent 

novel fluorescent dye ACYMAN to probe the H1-SDS interface, especially the 

SOW and associated environmental dynamics upon the structural transition 

from random coil to α-helix with picosecond resolution in an experimental 

window of several nanoseconds. We have also compared the dynamics with 

those at the surface of H1 protein and micelles formed by the SDS monomers. 

The geometrical restriction of the dye in the microenvironments has been 

explored from polarization gated fluorescence studies. In order to establish the 

efficacy of ACYMAN in the exploration of interfacial solvation dynamics, we 

have compared the dynamics with other commercially available fluorescence 

reporters (dyes). 

6.2. Results and Discussion: 

6.2.1. A Sensitive Fluorescence Probe for the Polar Solvation Dynamics at 

Protein- Surfactant Interface [24]: ACYMAN is known to display strong 

polarity sensitive fluorescence. For example, the steady state emission peak 

maximum of the dye is significantly red shifted from 427 nm in cyclohexane to 

517 nm in water [19]. This is attributed to a highly polar excited state 

originating from an intramolecular charge transfer (ICT) process, which is 

corroborated from theoretical calculations. On photo-excitation, the dipole 

moment of ACYMAN is found to change in vacuo from 2.0 D in the ground 

state to 7.1 D in the excited state, whereas, in ethanol it is found to be 4.03 D 

and 9.30 D, respectively, in the ground and the excited states. Such a moderate 

change in dipole moment (Δμ ~ 5 D) upon photo-excitation is the signature of 

an intramolecular charge transfer (ICT) process rather than a twisted 

intramolecular charge transfer (TICT), where usually a large change in dipole 

moment (~16 D) of the fluorophore is involved [25]. Figure 6.1.a shows the 

steady-state fluorescence spectra of the dye in DMF, aqueous buffer and 100 
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mM SDS solution (micelles). The emission maximum and quantum yield of the 

dye in DMF (455 nm and 0.53, respectively) compared to those in aqueous 

buffer (517 nm and 0.09, respectively) indicate stabilization of the ICT state in 

polar solvent. In comparison to DMF, the steady state emission peak  

maximum is significantly red shifted (~50 nm) to 502 nm in the anionic SDS  

 

 

Figure 6.1. (a) Steady state excitation and emission spectra of ACYMAN in various solvent 
and in presence of SDS micelles (100 mM). (b) Fluorescence emissions spectra of ACYMAN in 
Histone-1 (110 μM) with increasing concentrations of SDS: Inset shows excitation and 
emission spectra in H1 and aqueous buffer. 

micelles. The significant red shift in the position of the emission peak 

maximum of ACYMAN in the SDS micelles compared to DMF and its 

moderate blue shift compared to aqueous buffer reveal the location of the dye 

at the water-head-group interface of the micelle. Furthermore, the similarity in 

the position of the steady state emission peak maximum of ACYMAN in the 

SDS micelles to that in methanol (λem. ~ 497 nm) (data not shown) is also 

consistent with the fact that the dye resides in the Stern layer of the anionic 

micelles, which is moderately polar and hydrogen bond donating. The steady 
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state fluorescence spectrum of ACYMAN in the Histone-1 (H1) protein (110 

μM) is similar to that in aqueous buffer (inset, Figure 6.1.b) indicating the 

absence of any interaction between the protein and the dye. Upon the addition 

of SDS (430 μM), a marked blue shift (~35 nm) in the steady state fluorescence 

spectrum of the dye in H1-protein is observed, along with a significant increase 

in emission  intensity. The blue shifted emission spectrum of ACYMAN at 485 

nm compared to those in the protein (517 nm) and 430 μM SDS (517 nm, data 

not shown) solutions clearly indicates that the local environment around the 

dye significantly changed (lower polarity) in the protein surfactant complex. It 

is well-known that the anionic SDS surfactants strongly interact with the 

cationic nucleic protein H1 leading to the formation of protein-surfactant 

interface [21]. Our observation indicates that binding of the SDS molecules to 

the protein (H1) reduces the number of water molecules accessible to the 

protein surface, resulting in a decrease of the local polarity of the protein-

surfactant interface in comparison to the protein-water interface (Figure 6.1.b). 

Furthermore, the binding constant for ACYMAN to the host protein-SDS 

interface has been estimated to be 7.51X103 M-1 following Benesi Hildebrand 

plot [26] as shown in the inset of Figure 6.2.a. From this binding constant data, 

we have estimated that essentially all the dye molecules would remain bound 

to the protein-surfactant complex considering the concentrations of the dye and 

complex (equal to the concentration of the protein) to be 1 μM and 110 μM, 

respectively.  

It is known that following the formation of protein-surfactant complex 

upon addition of SDS to the H1 protein solution, significant structural change 

in the protein is induced [27], especially in the N-terminal domain, which likely 

modifies the interface of the protein-surfactant complex compared to that of the 

protein. Both the CD-spectra and the fluorescence spectra of the single tyrosine 

(Tyr 72) residue of the H1-protein confirm such structural transition of the 

protein  induced by SDS (Figure 6.2.a and Figure 6.2.b). As shown in Figure 

6.2.a, a significant ellipticity in the whole protein is induced in the complex, 
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which is consistent with an increase in the α-helix content of the protein [20, 

21]. Moreover, a large enhancement of the fluorescence emission of the single 

tyrosine residue (Tyr 72) of the protein at 305 nm is observed on the addition of 

SDS and was ascribed to transfer of Tyr 72 to a more hydrophobic environment 

[28]. As the H1 protein is known [20, 27] to comprise a central globular domain 

flanked by a short amino-terminal domain (NTD) and a long carboxyl-terminal 

domain (CTD), anionic SDS causes electrostatic charge compensation of the 

positively charged lysine residues in NTD and CTD through electrostatic 

interactions and leads to folding of these positively charged domains via 

hydrophobic interactions [21]. In consequence, Tyr 72 residue likely buries 

itself in a more hydrophobic region of the central globular domain of the 

protein resulting in significantly enhanced fluorescence intensity as shown in 

Figure 6.2.b. 

 

Figure 6.2. (a) Far UV-CD (circular dichroism) spectra of Histone-1 (110 μM), SDS (430 μM) 
and Histone-1-SDS (430 μM) complex. Binding constant for ACYMAN to the H1-SDS 
interface is shown in inset. (b) Effect of SDS on the fluorescence emission of H1.  

Time-resolved fluorescence decay of ACYMAN in aqueous buffer 

(Figure 6.3.a) is characterized by a bi-exponential decay with a faster 
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component of 0.27 ns (78%) and a longer component of 0.6 ns (22%), (Table 6.1). 

Such bi-exponential decay of the probe in a homogeneous medium like 

aqueous buffer is also observed for several fluorescent dyes including some 

coumarins [29-32], and does not imply partitioning of the probe in two 

different environments [30, 33, 34]. 

 

Figure 6.3. (a) Picosecond-resolved fluorescence transients of the ACYMAN in aqueous buffer 
(χ2= 1.03) and SDS micelles (100 mM) (χ2= 1.07). (b) Picosecond-resolved fluorescence 
transients of the ACYMAN in Histone-1 (110 μM) (χ2= 1.09) and Histone-1-SDS (430 μM) 
(χ2= 1.05).  

This is indicative of the presence of different channels of radiative and 

non-radiative relaxation processes of the dye in polar solvents [29]. Following 

photo-excitation, ACYMAN is promoted to the locally excited state (LE) which 

is rapidly transferred to the intramolecular charge-transferred state (ICT) in 

polar solvents via ultrafast solvation and intramolecular charge transfer [18, 

29]. This ICT state of ACYMAN undergoes a rapid non-radiative relaxation in 

water which give rise to the faster decay of (~270 ps) with a major contribution 

(78%). The longer component of ~ 600 ps may be attributed to the lifetime of 

the ICT state in water. For the H1-protein, the fluorescence decay of the probe 
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is very similar to aqueous buffer being characterized by two decay components 

identical to aqueous buffer, which excludes the possibility of any interaction 

between the probe and the host protein (Figure 6.3.b). Unlike aqueous buffer 

and protein (H1), the fluorescence decay components and their relative 

amplitudes vary continuously in going from the blue edge to the red edge of 

the emission spectra and the faster component at the blue end becomes a rise at 

the red end for the SDS micelles and the H1/SDS complex (Table 6.1). This is a 

manifestation of solvation dynamics in the SDS micelles as well as in the 

protein-surfactant complex as discussed later [35]. The fluorescence decays of 

ACYMAN in SDS micelles and H1-SDS complex at their corresponding 

emission maxima are shown in Figure 6.3.a and Figure 6.3.b, respectively. It 

has to be noted that the one extra longer component of fluorescence lifetime 

has been observed in SDS micelles as well as in H1-SDS complex compared to 

aqueous buffer and H1 protein systems, while the contribution of the shorter 

component of the fluorescence life time in SDS micelles and H1-SDS complex 

decreased significantly with respect to aqueous buffer and H1 protein.  

Table 6.1. Fluorescence lifetimes of ACYMAN in different systems. 

System/Wavelength (nm) τ1 ns [%] τ2 ns [%] τ3 ns [%] 

Buffer/517 nm 0.27 (78) 0.59 (22) - 

Histone/517 nm 0.28 (80) 0.63 (20) - 

SDS micelles/450 nm 0.025 (76) 0.24 (18) 1.55 (6) 

SDS micelles/500 nm 0.032 (38) 0.74 (18) 1.78 (44) 

SDS micelles/550 nm 0.25 (-11) 1.29 (59) 2.31 (30) 

Histone-SDS/430 nm 0.116 (48) 0.76 (37) 2.34 (15) 

Histone-SDS/480 nm 0.030 (-2) 1.10 (31) 2.37 (67) 

Histone-SDS/520 nm 0.050 (-19) 0.12 (15) 2.48 (66) 

For various systems, the wavelength (nm) of time-resolved decay measurements are shown. The 
amplitudes corresponding to the relevant decay components are shown within the parentheses.  

To better assess the interactions of the probe with the hosts (SDS/H1) 

time-resolved fluorescence anisotropy decay, r(t), measurements were carried 

out. For aqueous buffer (Figure 6.4.a) and the protein (H1) (Figure 6.4.b), the 

anisotropy decays are mono-exponential with similar rotational correlation 
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times (Table 6.2), indicating the absence of any interaction between the probe 

ACYMAN and the H1-protein. Time-resolved anisotropy decay, r(t), of 

ACYMAN are bi-exponential in the SDS micelles and in the H1-protein in 

presence of SDS (430 μM), and can be described by equation 2.37 in accordance 

with the ‘‘two-step’’ in combination with the ‘‘wobbling-in-cone’’ model [36]. 

For the SDS micelles, the anisotropy decay is significantly retarded compared 

to aqueous buffer (Table 6.2) and is characterized by two rotational time 

constants of 250 ps (23%) and 1.03 ns (77%), indicating strong interaction of the 

probe with the micelles (Figure 6.4.c). In accordance with the two-step model in  

combination with the wobbling-in-cone model, the shorter time constant of 250 

ps may be attributed to the local motion of the probe within the micelle, 

whereas, the longer constant corresponds to the global tumbling motion of the 

entire micelle. The marked difference of the rotational time constants of the 

probe from aqueous buffer (~130 ps) corresponds to significant restriction of 

the orientational motion of the dye in the stern layer at the micelle-water 

interface. Time-resolved anisotropy decay of the probe in H1-protein becomes 

remarkably slow (Figure 6.4.d) upon the addition of SDS (430 μM) (Table 6.2) 

indicating strong interaction of the ACYMAN probe with the H1-protein in the 

presence of SDS monomers. The time constants of 530 ps (12%) and 4.8 ns 

(88%) are consistent with the restricted local motion of the probe in the protein 

surfactant interface, and global tumbling motion of the protein-surfactant 

complex, respectively. The generalized order parameter, S, which provides 

information about the packing in the vicinity of the probe molecule is 

remarkably high for both SDS micelles (0.88) and the H1-SDS complex (0.94) 

and is consistent with location of the probe at the micelle-water interface and 

the protein-surfactant interface, respectively. Furthermore, higher value of S 

and lower value of the semi-cone angle θ0 for the H1-SDS complex compared to 

the SDS micelles indicates greater restriction of the orientational motion of the 

probe at the protein-surfactant interface than the micelle-water interface. This 

is consistent with the presence of highly rigid layer of water molecules in the 

protein-surfactant interface than the micelle-water interface.  
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Figure 6.4. Temporal decay of fluorescence anisotropy, r(t) of ACYMAN in (a) aqueous buffer 
(χ2= 1.10), (b) Histone-1(110 μM) (χ2= 1.2), (c) SDS micelles (100 mM) (χ2= 1.5) and (d) 
Histone-1-SDS (430 μM) complex (χ2= 1.0). 

Figure 6.5.a and Figure 6.6.a show the wavelength-dependent emission 

transients of ACYMAN in SDS micelles and in the H1/SDS complex at three 

characteristic wavelengths, from the blue end to the red end of the steady state 

fluorescence spectrum. Time-resolved fluorescence at the blue and the red end 

are characterized by a decay and a rise, respectively, indicating  reorganization 

of the surrounding water molecules around the excited state dipole of the 

fluorophore which is manifested as the time-dependent shift of the 

fluorescence spectrum to the red (Figure 6.5.b and Figure 6.6.b). The 

heterogeneity of the environments around the probe in the micelle and in the 

protein-surfactant complex is ruled out as no iso-emissive point in the time 

resolved area normalized emission spectra (TRANES) [37] are observed as 

shown in the insets of Figure 6.5.c and Figure 6.6.c. For the SDS micelles, the 

solvation correlation function, C(t), decays (Figure 6.5.c) with two time 

constants of 50 ps (76%) and 800 ps (24%), indicating mediation of two types of 

water trajectories in the solvent relaxation in the micelle-water interface.  
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Figure 6.5. (a) Picosecond-resolved transient of ACYMAN in SDS micelles (100 mM) at 450 
nm (χ2= 1.1), 500 nm (χ2= 1.07) and 550nm (χ2= 1.03). (b) Time-resolved emission spectra 
(TRES) of corresponding systems are shown. (c) Decay of the solvation correlation function, 
C(t) with time. Time-resolved area normalized emission spectra (TRANES) is shown in inset. 

Similar bimodality with time constants of 140 ps (77%) and 2.14 ns (23%) 

was observed by other studies on the solvation dynamics of various fluorescent 

probes in the anionic SDS micelles [7, 38]. In accordance with Zewail et al. [39] 

the faster component (50 ps) may be attributed to the micelle surface-bound 

water molecules, whereas, the slower component of few hundreds of 

picoseconds (800 ps) reflects coupling of the internal motion of the surfactant 

molecules with the water molecules of the Stern layer [40]. In sharp contrast to 

the micelles, the picosecond-resolved emission transients of ACYMAN in H1-

protein monitored at the blue and the red end of the fluorescence spectrum are 
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more or less similar (data not shown) and no rise is observed in the emission 

transient at the red end. This observation is consistent with very fast solvation 

of ACYMAN in the protein-water interface due to bulk type water molecules 

similar to the observations of Zewail et al. [39]. 

Table 6.2. Time-resolved anisotropy parameters of ACYMAN in different systems. 

System ϕ1 ns [%] ϕ2 ns [%] S θ0 

Aqueous buffer 0.13 (100) - - - 

SDS micelles (100 mM) 0.25 (23) 1.03 (77) 0.88 23.07 

Histone (110 μM) 0.14 (100) - - - 

Histone-SDS (430 μM) 0.53 (12) 4.80 (88) 0.94 16.26 

ϕ1, and ϕ2 are the rotational correlation times with corresponding amplitudes shown within 
parentheses. S is the order parameter and θ0 is the semicone angle in the wobbling-in-cone 
model.[36] 

In consequence no rise component associated with solvent relaxation 

could be detected in our TCSPC set up with a time resolution of 20 ps. The 

emission transients of the probe in H1-protein become dramatically different 

(Figure 6.6.a) upon interaction with SDS. The solvation correlation function, 

C(t) for the H1-SDS interface is characterized by two time constants, 110 ps 

(40%) and 1.0 ns (60%). This bimodal solvation dynamics in the H1-SDS 

interface indicates significant contributions of the surface-bound water 

molecules and structural fluctuation of the protein-surfactant complex in 

contrast to the significant role of the bulk type water molecules in the solvation 

dynamics at the protein (H1)-water interface. The subtle but distinct differences 

between the micelle-water and protein-surfactant interfaces are noted, 

warranting further discussion. First of all, the faster component of solvation (τ1) 

increases more than two-fold in going from the Stern layer of the SDS micelles 

to the protein-surfactant interface of the H1-SDS complex (Table 6.3). In 

addition, there is a significant increase (from 24% to 60%) in the contribution of 

the slower component (τ2) as well as its magnitude. The two-fold increase in 

the faster component may be ascribed to the exertion of stronger electrostatic 

field on the water molecules in the protein-surfactant interface than the micelle-

water interface. The binding surface of the H1-protein is positively charged due 
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to the presence of a large number of positively charged residues in its N- and 

C-terminal domains, whereas the surfactant (SDS) is negatively charged owing 

to the presence of negatively charged sulfate head group. As the anionic 

surfactants anchor to the positively charged lysine residues on the terminal  

 

 

Figure 6.6. (a) Picosecond-resolved transient of ACYMAN in Histone-1-SDS (430 μM) 
complex at 430nm (χ2= 1.06), 480nm (χ2= 1.09)  and 520 nm (χ2= 1.05). (b) Time-resolved 
emission spectra (TRES) of corresponding systems are shown. (c) Decay of the solvation 
correlation function, C(t) with time. Time-resolved area normalized emission spectra 
(TRANES) is shown in inset. 

domains of the protein, mutual electrostatic interaction between them gives 

rise to a strong electrostatic field that significantly slows down the dynamics of 

the interfacial water in the protein-surfactant interface compared to the micelle-
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water interface. In addition, due to the anchoring of the negatively charged 

surfactant molecules on the positively charged surface of the H1 protein, 

hydrophobicity of the lysine side-chains increases as a result of electrostatic 

charge compensation followed by folding of the CTD and NTD in the H1-SDS 

complex [20, 27]. This in turn likely induces a crowded environment of the 

lysine side-chains and the surfactant molecules anchored to the surface of the 

protein, which imposes significant restriction on the structural fluctuation of 

the surfactant molecules in the H1-SDS complex compared to the SDS micelles. 

In consequence, the contribution of the slower solvation component (τ2) 

increases significantly along with its magnitude in going from the Stern layer 

of the SDS micelles to the protein-surfactant interface of the H1-SDS complex.  

 

Figure 6.7. (a) Solvation correlation function, C(t) of C500, ACYMAN and DCM in SDS 
micelles. (b) Shows decay of solvation correlation function, C(t) of the H1-SDS complex, dotted 
line represents C(t) of α Helix-2 and Barstar protein. 

In order to compare the sensitivity of ACYMAN toward the 

biomolecular interfaces, some other non-covalent solvation probe, coumarin 

500 (C500) and DCM were also used for the studies. The reason behind the 
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choice of the two specific probes lies in the fact that C500 is a polar probe 

which is soluble in water and can be incorporated at the SDS micellar surface 

[40]. On the other hand DCM is hydrophobic and completely insoluble in 

water, however, can also be incorporated at the same micellar surface [41, 42]. 

The time scales of solvation dynamics obtained from these two probes at the 

micellar surface are found to be significantly different. While the reported 

average time constant of DCM solvation at SDS micellar surface is 1.4 ns [42] 

the observed average time constant of C500 solvation is 0.07 ns (Figure 6.7.a). 

The difference of the local environments around the probes for the same 

micellar surface can easily be concluded from the time constants of solvation, 

because of the nature of the probes as discussed earlier. In other words, 

whereas C500 is more compatible to be localized on the polar side (headgroup 

region) of the micellar surface, DCM prefers to reside in the more hydrophobic 

portion of the surface of the micelles [43]. From Figure 6.7.a it is also clear that 

the time scale of solvation dynamics of ACYMAN lies between that of C500 

and DCM. Thus it is interesting to note which variety of the above dyes is 

eligible to probe the interfacial solvation dynamics. We have observed that 

C500 reveals bulk water type solvation dynamics for the H1 protein in presence 

of SDS below critical micellar concentration (cmc), and the dynamics is also 

insensitive to the formation of the H1-SDS interface. On the other hand, the dye 

DCM remains insoluble in H1, SDS below the cmc and even at the protein-

surfactant interface after the formation of the H1-SDS complex. In the case of 

ACYMAN, the dynamics of solvation is distinct in the H1-SDS interface from 

that in SDS below or above the cmc as described earlier.  

Table 6.3. Solvation correlation data for ACYMAN in different systems. 

System τ1 ns [%] τ2 ns [%] τavg ns 

SDS micelles (100 mM) 0.05 (76) 0.80 (24) 0.23 

Histone-SDS (430 μM) 0.11 (40) 1.00 (60) 0.64 

A comparative study of solvation dynamics of the interface after the 

formation of an α-helix in the protein H1 to that of the hydration dynamics of 
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other α-helix protein is evident in the Figure 6.7.b in a time window of 500 ps. 

Molecular dynamics simulation on α-Helix containing protein shows that the 

dynamics of hydration in the close proximity of a α-Helix reveals ultrafast time 

components (75%) with a longer component of 500 ps (25%) [14, 44]. In another 

femtosecond resolved time-dependent dynamic stocks shift (TDSS) studies on 

α-helix containing barstar protein, a slower component of 578 ps (59%) is 

manifested in the hydration dynamics [45]. The faster portion of the dynamics 

is concluded to be the rotational motion of the water molecules in the close 

proximity of α-helix. Thus slower components of hydration dynamics in the α-

helix portion of different proteins are consistent with our studies. 

6.3. Conclusion: Time-resolved fluorescence studies of a new, dipolar 

fluorophore 6-acetyl-(2-((4 hydroxycyclohexyl) (methyl) amino) naphthalene 

(ACYMAN) unveils interesting features of solvation dynamics and local 

molecular dynamics in different interfaces of H1-protein, SDS micelles and H1-

SDS complex. Time-resolved anisotropy decay of the dye is characterized by a 

time constant of ~130-140 ps in aqueous buffer and protein, but the decay 

becomes slower in SDS micelles than aqueous buffer or H1-protein, indicating 

to stronger interaction of the dye with the micelles than the protein. Upon the 

addition of SDS surfactants, the anisotropy decay becomes significantly 

retarded in the H1-SDS interface compared to the SDS micelles, which indicates 

to significantly stronger interaction of the dye with the H1-SDS complex than 

the micelles. Our studies also demonstrate that other well-known commercially 

available solvation dyes including C500 and DCM fail to probe the protein-

surfactant interface of the H1-SDS complex. We have also compared the 

observed solvation dynamics of the interface with those from MD simulations 

and femtosecond resolved studies reported in the literature. The observed time 

scale of solvation dynamics for ACYMAN is consistent with the slower 

components of the hydration dynamics as mentioned in the literature. This 

slower dynamics of ACYMAN likely originates from the structurally ordered 

water molecules (SOW) in the helix-surfactant interface. 
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Chapter 7 

Spectroscopic Studies on DNA-Surfactant 

Interaction for a Specific Biological Function 

7.1. Introduction: The search for harmless synthetic vectors that allow an 

efficient delivery of genes for the treatment of genetic and acquired diseases lead 

to intense research activities and a wealth of literature in the last two decades [1-

5]. Circumventing limitations associated with the viral vectors, e.g. packaging 

DNA with particular size, immunogenicity and mutagenicity, were the main 

motives of those studies. DNA condensate (complexes) with cationic 

surfactants/lipids are considered to be efficient candidates for gene-delivery 

(transfection) applications [6]. Among other obvious requirements for achieving 

efficient transfection, the most important factor is that the interaction of DNA 

with the vectors should yield a nanometer size close to that of viruses [4, 7]. This 

requirement is closely related to the fact that the critical size limit for endocytosis 

is 150 nm and the condensate is expected to be escape from the blood vessel if its 

size is beyond a limit [4, 7]. Another important factor is the intactness of the duly 

hydrated B-form of the gene carrying DNA in the synthetic vector [5, 8]. While the 

above important considerations limit the efficiency of cationic polymers and 

cationic lipids [9, 10], cationic detergent cetyltrimethylammonium bromide 

(CTAB) is found to condense DNA into discrete particles containing even single 

nucleic acid molecule [11-13]. One of the notable properties of CTAB is the 

discrete first order phase transition of DNA between elongated coils and 

collapsed globules [12] well below the critical micellar concentration (CMC) of the 

surfactant and the formation of aggregates [12]. The interesting structure of the 

CTAB-DNA condensate is thought to result from the interaction of the negatively 

charged DNA phosphate groups with cationic surfactants and a further 

stabilization by the hydrophobic tails of the CTAB molecules [14]. 



 

168 
 

Despite the unique feature of the CTAB-DNA condensate, the surfactant 

CTAB is found to be poorly efficient in transfection in vitro [15, 16]. In order to 

study the sole role of CTAB in the stabilization of the CTAB-DNA condensate, in 

non-polar solvents rather than polar water media are the choice. The high 

solubility of the complex makes the contribution of parents (DNA and/or CTAB) 

inconclusive in the stability of the condensate in aqueous conditions. It was also 

concluded that due to higher solubility of the condensate, the complex in the cells 

is thought to induce fast release of CTAB revealing detergent related toxicity [4]. 

Earlier it has been shown that DNA-surfactant complexes are soluble in low-

polarity organic solvents [3, 17-19]. In one of these reports the structural 

properties of a genomic DNA upon complexation with CTAB in non-aqueous 

solvents of different degrees of polarity have been studied in details [3]. By using 

UV, CD spectroscopy and fluorescence microscopy, the study has concluded that 

DNA-CTAB condensate dissociates into their initial components at concentrations 

of 40-60% (v/v) for ethanol or 30-50% (v/v) for 2-propanol, while conserving the 

double-stranded structure of the native DNA. Several other recent studies [20, 21] 

unravel structural aspects of the genomic DNA in the condensate. However, the 

molecular recognition properties (both specific; intercalation, and non-specific; 

coulombic) of the gene carrying DNA in the condensate are sparsely covered in 

the literature. In our earlier reports, the DNA-binding drugs Hoechest 33258 (non-

specific) [22] and ethidium bromide (specific) [23] appear to be promising DNA-

probes in the condensate. Ethidium bromide (EB) intercalates into the genomic 

DNA and provides the structural details of DNA even when it is in condensed 

form in a self-assembled reverse micellar nanocage. On the other hand, Hoechest 

33258, a well-known DNA minor groove binder, provides dynamical and 

structural information of the condensed DNA either bound to nucleic acid 

binding protein or CTAB surfactant [24]. It is important to note that the functional 

properties of gene carrying DNA (molecular recognition) in the condensate will 

dictate the overall activity of the gene after delivery in the target cells. A detailed 

investigation on the structural and functional properties (intercalation and 

electrostatic binding ) of a genomic DNA (calf thymus; CT-DNA) in its condensate 
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form in a non-aqueous solvent (butanol), where stabilization of the condensate is 

essentially governed by the hydrophobic tails of the CTAB surfactant, is the main 

motive of our present studies.  

In the present work, we have synthesized a condensate of CT-DNA and 

CTAB in butanol. While dynamic light scattering (DLS) studies confirm the size of 

the condensate in the solution to be less than 100 nm, circular dichroism (CD) 

spectroscopy reveals the intactness of B-form structure of the genomic DNA in the 

condensate. Picosecond resolved fluorescence of a well-known DNA intercalator 

EB to the nucleic acid in the condensate clearly shows some degree of 

perturbation of the intercalative binding of the genomic DNA in the condensate 

compared to that in aqueous solution. We have measured the temperature 

dependent binding constant of the EB with the genomic DNA in the condensate in 

butanol and compared with that in aqueous solution. A detailed analysis of 

thermodynamical parameters from the Van’t Hoff plots reveals that the EB-

binding to the genomic DNA in the condensate is significantly different from that 

of the DNA in aqueous solution. In order to probe the interaction of CTAB in the 

condensate, we have used nonyl acridine orange (NAO) as model cationic 

surfactant with a fluorescence acridine moiety [25, 26]. Picosecond resolved 

polarization gated anisotropy of NAO in the condensate shows a hydrodynamic 

rotation of the surfactant in the condensate and reveals an activation energy for 

the viscous flow [27, 28]. Strong spectral overlap of NAO emission and absorption 

spectrum of intercalating EB also offers the opportunity to measure the distance 

between cationic surfactant and the intercalator (EB) in the condensate with 

molecular precision employing Förster resonance energy transfer (FRET) strategy. 

We have also used FRET between NAO and another electrostatic DNA binder, 

crystal violet (CV) in the condensate. The constructed probability distribution 

functions of FRET distance between NAO and either EB (intercalator) or CV 

(electrostatic binder) at various temperatures in the condensate unravel the 

efficacy of molecular recognition of the genomic DNA by small ligands. Our 
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studies are expected to find relevance in the investigation of functionality of DNA 

molecules in condensate for potential gene-delivery application. 

7.2. Results and Discussion: 

7.2.1. Molecular Recognition of Genomic DNA in a Condensate with a Model 

Surfactant for Potential Gene-delivery Applications [29]: The normalised 

intensity distribution of scattered light from DLS on aqueous CTAB micelles and 

DNA are shown in Figure 7.1.a. Hydrodynamic diameters for CTAB micelles 

(aqueous) and DNA (aqueous) are measured to be 4.8 nm and 187.0 nm, 

respectively, which are consistent with the reported literature [30-32]. 

 

Figure 7.1. Dynamic Light Scattering (DLS) of (a) CTAB micelle and DNA in aqueous solution 
(b) CTAB and the condensate (DNA-CTAB complex) in butanol. (c) CD spectra of DNA in 
condensate. 
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However, the hydrodynamic diameter of CTAB in butanol is found to be 

1.2 nm, which is the estimated length of the surfactant itself, indicating 

insignificant possibility of CTAB to form micelles in butanol. The diameter of the 

DNA-CTAB condensate is found to be 50 nm in butanol (Figure 7.1.b). During 

complexation the phosphate groups of DNA interact with the positive head group 

of CTAB resulting to a decrease in hydrodynamic diameter of the DNA-CTAB 

condensate. In order to understand structural perturbation of DNA due to its 

compactness in the condensate, we have performed circular dichroism (CD) 

spectroscopic studies. Figure 7.1.c shows the CD spectrum of the condensate in 

which the positive peak at 284 nm and negative peak at 253 nm are the signature 

of the B-form DNA in the condensate [20]. The structural integrity of the genomic 

DNA (B-form) in the condensate with respect to that in the aqueous buffer 

solution [24] is also clearly evident from the Figure. 

 

Figure 7.2. (a) Picosecond resolved fluorescence transients of EB in DNA and in the condensate 
are shown. Inset shows the steady state spectra of EB in (i) DNA and (ii) the condensate. (b) 
Picosecond resolved fluorescence transients of EB in aqueous and in butanol are shown. 

 Upon confirmation of the structural integrity, functional properties 

(molecular recognition) of DNA in the condensate were investigated through 
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intercalation of EB. Inset of Figure 7.2.a shows absorption and emission spectra of 

EB in DNA in aqueous solution and in the condensate. The red shift in absorption 

and emission maxima of EB in the condensate with respect to buffer, indicating 

more polar environment in the vicinity of the probe in the genomic DNA upon 

complexation with CTAB [33]. Picosecond resolved fluorescence transients of EB 

in DNA (aqueous) and in condensate (butanol) are shown in Figure 7.2.a. The bi-  

 

 

Figure 7.3. The Van’t Hoff plot of ln K vs. 1/T for binding of EB to (a) the condensate and to (b) 
DNA and picosecond resolved fluorescence transient at 10 0C and 60 0C for EB in condensate and 
in the genomic DNA are shown in inset of panel (a) and (b). 

exponential fitting of the fluorescence decay of EB in DNA (aqueous) revealing 

~22 ns as major component indicates that most of the EB is intercalated to the 

genomic DNA [23]. The shorter time constant (minor component) of ~1.8 ns is due 

to unbound EB in the aqueous solution [23]. The time constant is consistent with 

that of the free EB in aqueous solution revealing a ~1.6 ns component as shown in 

Figure 7.2.b and Table 7.1. The fluorescence transient of the DNA-bound EB in the 

condensate shows triple exponential decay revealing typically time constants of 

~1 ns (4%), 4.3 ns (21%) and 14 ns (75%). While the longer time constant (~14 ns) 

is the indicative of the DNA bound EB in the condensate, other two faster 
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components indicate the population of loosely bound/free EB in the butanol 

solution. Our measurement of fluorescence transient of EB in bulk butanol reveals 

time constants of ~1 ns and 5 ns as shown in Figure 7.2.b and Table 7.1. 

Table 7.1. The fluorescence life time of ethidium bromide (EB) in various systems. 

system τ1 [ns] ([%]) τ2 [ns] ([%]) τ3 [ns] ([%]) τavg [ns] 

DNA 1.8 (2.04) 22.0 (97.96) - 21.6 

Condensate 0.9 (3.75) 4.3 (21.13) 13.8 (75.11) 11.3 

Aqueous 1.6 (100.0) - - 1.6 

Butanol 0.9 (1.01) 5.5 (98.99) - 5.4 

To gain insight into the thermal stability of the condensate, we have 

performed molecular recognition studies on the genomic DNA in the condensate 

at different temperatures. Upon increasing temperatures (10 0C to 60 0C) the 

relative percentage of the shorter components of EB-DNA fluorescence decays in 

aqueous solution and in the condensate are gradually increased. This observation 

is consistent with the fact that EB molecules are exposed towards the polar 

environments with increasing temperature. As evident from the insets of Figure 

7.3.a the average lifetime for EB in the condensate is decreased from 11.9 ns at 10 

0C to 8.2 ns at 60 0C, whereas average lifetime of EB in aqueous DNA is decreased 

from 22.0 ns at 10 0C to 19.2 ns at 60 0C (insets of Figure 7.3.b). We have estimated 

the binding constant K of EB with the genomic DNA and the condensate at 

different temperatures by using the following equation [23], 

])[]([])[]([

][

DNAEBDNADNAEBEB

DNAEB
K




          (7.1) 

where [EB-DNA], [EB] and [DNA] represent the concentration of EB-DNA 

complexes, EB and the genomic DNA, respectively. The relative weighting of the 

longer and shorter components of EB fluorescence decays in the corresponding 

systems are indicative of bound and free population of the EB molecules, 

respectively. At room temperature, the binding constants of EB in two systems are 

found to be 470X10-3 μΜ-1 (aqueous DNA) and 5.7X10-3 μΜ-1 (condensate in 

butanol) indicating that EB binds to the DNA in aqueous solution more strongly 

than that in the condensate. The binding constant for the two systems were 
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calculated at six different temperatures and has been plotted against the inverse of 

temperature as shown in Figure 7.3.a and Figure 7.3.b. The plotted data were 

fitted following the Van’t Hoff equation [34, 35], 

R

S

RT

H 



ln(K)                   (7.2) 

where R is the gas constant and T is the temperature in Kelvin. ΔH and ΔS were 

obtained from the slope and intercept of the linear Van’t Hoff plot and ΔG can be 

obtained from the Gibbs Helmholtz equation [36]. 

ΔG = ΔH – TΔS = - RTlnK             (7.3) 

The calculated value of ΔG, ΔH and ΔS are tabulated in Table 7.2. Negative values 

of both ΔG and ∆H for the two systems (genomic DNA and condensate) indicate 

that interactions are spontaneous and exothermic in nature. However, ∆S is found 

to be positive for DNA (aqueous) and negative for the condensate. Negative value 

of ΔH and positive value of ΔS in DNA (aqueous) indicate that EB binds through 

electrostatic interaction. For the condensate both ΔH and ΔS are negative, which 

corroborate that EB binds to the genomic DNA in the condensate through van der 

Waals forces [37]. 

Table 7.2. Thermodynamic parameters of the binding of ethidium bromide to DNA and 

their condensate. 

System ΔHobs (kcal mol-1) ΔGobs (kcal mol-1) TΔSobs (kcal mol-1) 

DNA -6.69 -7.56 0.87 

Condensate -7.57 -5.05 -2.52 

In order to study DNA-CTAB interactions in the condensate from the view 

point of the cationic surfactant (CTAB), we have used a fluorescent cationic 

surfactant NAO (acridine orange 10-nonyl bromide), having an acridine head 

group and a long alkyl tail in the condensate [38]. Absorption and emission 

spectra of NAO in the condensate are shown in the inset of Figure 7.4.a. Time 

resolved fluorescence transient of NAO in the condensate is shown in Figure 7.4.a. 

The three exponential fitting of the decay reveals and average time constant of 2.6 

ns, which is much longer than that of free NAO in butanol (data not shown), 

indicating that NAO is attached to the condensate. For further confirmation of the 
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binding of NAO with the condensate, we have performed temperature dependent 

polarization-gated fluorescence anisotropy measurements. The anisotropy decays 

of NAO in the condensate at two temperatures (20 0C and 70 0C) are shown in the 

insets of Figure 7.4.b. As evident from Figure 7.4.b the rotational time constant 

(τrot) becomes faster upon increasing the temperature. We have estimated the  

 

 

Figure 7.4. (a) Picosecond resolved fluorescence transients of NAO in the condensate. Inset shows 
steady state spectra of NAO in condensate. (b) Plot of rotational time constants (τrot) against 
temperature for NAO in condensate. (c) Arrhenius plot of microviscosities of NAO in condensate. 

microviscosities at different  temperatures for the corresponding systems, using 

hydrodynamic radius of the probe to be 6.8 Å and plotted with 1/T (K-1) as shown 

in Figure 7.4.c. A linear fit of the plot to the data provides an activation energy of 

5.76 kcal/mol from the equation [39], η = η0 exp[En/(RT)], where En is the 

activation energy for the viscous flow. The estimated binding constant is 
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consistent with the fact that NAO is electrostatically bound to the genomic DNA 

in the condensate [40]. 

 

Figure 7.5. (a) Spectral overlap of donor (NAO) and acceptor (EB) in condensate. Inset shows the 
spectral overlap of donor (NAO in CTAB micelles) and acceptor (EB) in aqueous solution. (b) 
Picosecond resolved transients of NAO in condensate in presence and absence of EB. Inset shows 
picosecond resolved transients of NAO in CTAB micelles in presence and absence of EB. 

To study the specific interaction of the genomic DNA in the condensate 

with cationic surfactant NAO, the nucleic acid was first labelled by the 

intercalator EB. Figure 7.5.a shows that emission spectrum of NAO broadly 

overlaps with absorption spectra of EB in the condensate without EB and NAO, 

respectively, revealing EB and NAO to be a possible FRET pair. Figure 7.5.b 

shows that the fluorescence transient of NAO in the condensate is decreased by 

addition of EB due to efficient energy transfer from NAO (donor) to EB (acceptor) 

in the condensate. The efficiency of energy transfer is found to be 57%. At room 

temperature (20 0C), the estimated Förster distance (R0) and donor-acceptor 

distance are found to be 35 Å and 33 Å, respectively. The observation indicates 

that donor and acceptor are in close proximity revealing strong interactions 

between DNA and the cationic surfactant (NAO) to form the condensate. In order 
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to confirm that FRET is solely due to interaction of DNA (intercalated with EB) 

with the CTAB mimic NAO, a control experiment has been performed, where EB 

was added in aqueous solution of NAO in CTAB micelles. The inset of Figure 

7.5.a shows that the emission of NAO in the CTAB micelles significantly overlaps 

with the absorption spectrum of EB in aqueous solution. However, the inset in 

Figure 7.5.b shows that fluorescence transient of NAO in CTAB micelles 

(aqueous) has no temporal quenching in presence of EB (without DNA), revealing 

that the quenching of fluorescence transients of NAO in the condensate is due to 

DNA-mediated energy transfer from NAO to EB. In presence of DNA, both 

positively charged CTAB and NAO are electrostatically bound to the nucleic acid 

and approach in the proximity of DNA-bound EB. However, the possibility of 

proximity of NAO to the energy acceptor EB in absence of DNA is completely 

absent (inset of Figure 7.5.b). 

 

Figure 7.6. (a) Spectral overlap of donor (NAO) and acceptor (CV) in condensate. Inset shows the 
spectral overlap of donor (NAO in CTAB micelles) and acceptor (CV) in aqueous solution. (b) 
Picosecond resolved transients of NAO in condensate in presence and absence of CV. Inset shows 
picosecond resolved transients of NAO in CTAB micelles in presence and absence of CV. 
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In order to study the nonspecific molecular recognition of a cationic dye 

(CV) by the genomic DNA in the condensate, we have performed the FRET 

studies to investigate the energy transfer from NAO to CV in the condensate. 

Figure 7.6.a shows that the emission spectrum of NAO overlaps (in condensate) 

with the absorption spectrum of CV (in the condensate). The fluorescence 

transient of NAO in the condensate is quenched in presence of CV as shown in 

Figure 7.6.b. The efficiency of energy transfer in the above system  

 

 

Figure 7.7. (a) Picosecond resolved fluorescent transients of NAO in condensate in absence and 
presence of EB at 10 0C and at 60 0C are shown in inset, respectively. (b) Shows distribution of 
donor-acceptor distances of NAO and EB in condensate at 10 0C and at 60 0C. Inset shows plot of 
HW vs. temperature for the corresponding system. 

is found to be 32%, which is lower  than that in the case of EB as energy acceptor. 

The lower efficiency of energy transfer in non-specific interaction compared to 

that in the case of specific interaction (intercalation) may be due to higher mutual 

coulombic repulsion of donor and acceptor having similar charges (cationic). The 

effect of the repulsion in the case of intercalated EB is lesser (Figure 7.5.b) than 

that of the loosely bound CV (Figure 7.6.b) [41]. The estimated Förster distance 
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and donor (NAO)-acceptor (CV) distances are found to be 49 Å and 56 Å, 

respectively. Furthermore, in order to confirm that FRET is exclusively DNA-

mediated, some control experiment has been done as shown in insets of Figure 

7.6.a and Figure 7.6.b revealing no FRET in the absence of DNA in the micellar 

system in aqueous solution. 

 

Figure 7.8. (a) Picosecond resolved fluorescent transients of NAO in condensate in absence and 
presence of CV at 10 0C and at 60 0C are shown in inset. (b) Shows distribution of donor-acceptor 
distances of NAO and CV in condensate at 10 0C and at 60 0C. Inset shows a plot of HW vs. 
temperature for the corresponding system. 

To study the fluctuation of the donor-acceptor distance we have performed 

picosecond resolved temperature dependent FRET study for the corresponding 

systems. Figure 7.7.a and the inset show temperature dependent FRET between 

NAO and EB in the condensate at 10 0C and at 60 0C, respectively, clearly 

revealing that FRET efficiency is decreasing upon increasing temperature. The 

calculated donor-acceptor distance at the above two temperatures are found to be 

33 Å and 36 Å, respectively. We have also calculated the distance distribution 

(p(r)) of donor-acceptor distance at different temperatures following the 

procedure reported earlier [42]. The distributions of NAO-EB distances in the 



 

180 
 

condensate at temperatures 10 0C and 60 0C are shown in Figure 7.7.b, which 

reveal that the distribution at lower temperature (half width, HW = 3.2 Å) is 

comparable to higher one (HW = 3.7 Å). The HW of the NAO-EB distances in the 

condensate are plotted against temperature yielding a linear thermal dependency 

of HW. With increasing temperatures, only distances between NAO and EB are 

found to be increased, however, the patterns of distributions (HW) of the 

distances are changed insignificantly (with experimental uncertainty of 5%) 

revealing the thermal stability, probably due to the fact that EB is strongly 

intercalated to DNA in the condensate. 

 

Figure 7.9. (a) Picosecond resolved fluorescent transients of NAO in condensate in film form in 
absence and presence of EB. (b) Distribution of donor-acceptor distance of NAO and EB in 
condensate at room temperature (20 oC). 

Picosecond resolved temperature dependent FRET between CV and NAO 

in the condensate at 10 0C and at 60 0C are shown in Figure 7.8.a and in the inset, 

respectively. The FRET efficiency decreased significantly as compared to above 

system with increasing temperatures and the calculated donor-acceptor distances 

are found to be 53 Å and 64 Å at 10 0C and 60 0C, respectively. The distributions of 

donor-acceptor distances at the above temperatures are shown in Figure 7.8.b, 



 

181 
 

which reveal that the distribution at 60 0C (HW = 14.8 Å) is much broader than 

that of at 10 0C (HW = 5.5 Å). The plot of HW verses temperature provides the 

linear increment as shown in the inset of Figure 7.8.b. The observation 

demonstrates that thermal fluctuations of the NAO-CV distances at higher 

temperatures increases in contrary to the earlier case of NAO-EB system in the 

condensate [43]. It has to be noted that the fluctuation is not due to the instability 

of position of NAO in the DNA rather it is due to a relocation of CV at higher 

temperature. This is due to the fact that the observed insignificant fluctuation is 

present in the NAO-EB system, where EB was bound by intercalation to the 

genomic DNA in the condensate. As the condensate is found to be an attractive 

system for bioelectronics as thin films [44], we have also performed FRET studies 

on the efficacy of energy migration from NAO to DNA bound EB in the 

condensate as thin films. The efficient energy transfer from NAO to the acceptor 

EB is clearly evident from Figure 7.9.a. Figure 7.9.b shows the distribution (HW = 

2.7 Å) of donor-acceptor distance in thin film, which is lower than that of the 

solution phase may be due to the fact that in solid state the donor acceptor pair 

becomes less flexible. 

7.3. Conclusion: In conclusion, we have performed a detailed study of an 

efficient gene-delivery system DNA-CTAB condensate. DLS experiments clearly 

show that DNA upon complexation with CTAB becomes compact in non-polar 

solvents. CD spectroscopy reveals that the B-structure of DNA remains 

unperturbed upon complexation with the CTAB surfactant. Using Van’t Hoff 

equation, we have calculated binding constant of EB in DNA and the condensate 

at different temperature and found that EB binds strongly to DNA in compared to 

the condensate. The mode of binding of EB in DNA is electrostatic whereas in the 

condensate it binds through van der Waals forces. We have also used polarization 

gated fluorescence anisotropy for the estimation of fluctuations of NAO in the 

condensate. In DNA-CTAB interaction we have found that FRET efficiency is 

higher when EB is used as acceptor instead of CV. The picosecond resolved 

temperature dependent FRET study for the corresponding system reveals that the 
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distance between the donor and the acceptor increases significantly with 

increasing temperatures in case of CV compared to that of EB used as an acceptor. 

The fluctuation of donor acceptor distance is also higher in the case of a non-

specific binding (CV) in comparison to specific binding (EB). Thus our findings 

are important to the future investigation on molecular recognition of DNA in the 

condensate and may find relevance in the design of an efficient gene-delivery 

agent. 
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Chapter 8 

Spectroscopic Studies on Protein-DNA Interaction 

in a Physiologically Relevant Environment 

8.1. Introduction: Many in vivo enzymatic processes including repression or 

activation of transcription in gene regulatory network are triggered by binding 

of proteins to their respective target sites on DNA. However the study of 

enzyme-DNA interactions have been usually designed as dilute solution 

experiments, which differ substantially from in vivo conditions as 40% volume 

of cytosol is occupied by a wide variety of macromolecules and solutes [1-3]. 

Due to this reason, the diffusion of any solutes in intracellular environment is 

get affected either being reduced or presenting anomalous diffusion at short 

times [4-8]. Contemporary studies have revealed that macromolecular 

crowding inside the cell does not only affect diffusion processes but also 

biochemical reaction processes by inducing the enzyme to undergo protein 

folding, self-association, or protein-binding processes, which in turn may alter 

the activity of the enzyme [9-12]. Thus, in order to obtain more accurate rates 

for enzymatic reactions, it is important to perform the studies of biochemical 

processes in nature-like microenvironments that try to mimic the effect of 

macromolecular crowding.  

As the quantitative studies of enzyme-DNA interactions within a living 

cell are challenging, subsequently to mimic the intracellular like environment 

the high concentration of crowding agents are often used in the in vitro studies. 

For this purpose polyethylene glycol and polysaccharides are often considered 

as a convenient macromolecular crowder as it is highly soluble in water, it does 

not precipitate the biological macromolecules used for the study and also it 

does not bind with the biological macromolecules before and after the reaction 

[13]. Polymer cosolutes (PEG) usually generate an area inaccessible to other 

biological macromolecules known as excluded volume and these excluded 
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volume per cosolutes increases as size of cosolutes increases. Apart from this, 

inclusion of cosolutes causes the decrease of water activity of solution and 

hence generates an osmotic pressure [14, 15]. The dependence of the 

equilibrium binding constant, (K), of the biomolecular reaction on the water 

activity (aw) is related to the number of water molecules released (Δnw) during 

the reaction represented by the equation, -Δnw = δlogK/δlogaw. Based on this 

thermodynamic model, the equilibrium constant of a reaction accompanied by 

the released of water molecules is found to be 10 to 100 times higher in solution 

with water activity less than one [13, 16]. The excluded volume of protein in 

macromolecular crowding can be minimized either by changes in the 

hydrodynamic volume or via changes in its association state [17, 18], which are 

promoted by modulation of the biological equilibria of protein that would 

affect protein folding, conformational stability, protein-protein interactions and 

protein-nucleic acid interactions [18-20].  

Zimmerman and Minton have shown in number of experimental 

systems which support that crowding promotes molecular association and 

hence the enzymatic activity [21, 22]. In one of the contemporary literature they 

have shown that in presence of several macromolecules the enzymatic activity 

of DNA ligases from both rat liver and Escherichia coli increases by several 

orders [23]. Naoki Sugimoto and co-workers have shown that molecular 

crowding increases the activity of endonucleases but not affect exonucleases 

[24]. All these studies furnish amendment of catalytic activity of the enzyme as 

a consequence of molecular crowding. However, the exact role of structure, 

function and dynamics of enzyme triggering in alteration of enzymatic activity 

in molecular crowding condition are still poorly understood and a detailed 

understanding in this field is highly demanding due to the highly compact 

packing in vivo condition.  

Here, we systemically study the role of molecular crowding such as 

polyethylene glycol (PEG) on the structure, functionality, substrate binding 

and dynamic of endonuclease glycoprotein known as bovine pancreatic 
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deoxyribonuclease I (DNase I). DNase I is a secretory glycoprotein that 

hydrolysed the P-O3’-bond of double-stranded DNA predominantly by single-

stranded nicking mechanism under physiological condition in presence of 

Mg2+ and Ca2+ [25]. Like many of the non-specific protein-DNA interaction, 

crystal structure showed that the unspecific DNase I bind tightly in the minor 

groove and to the sugar-phosphate backbone of both strands of the DNA [25]. 

In the present study the enzymatic activity of DNase I on the hydrolysis of 20-

mer double stranded DNA is found to increase with increasing PEG 

concentrations through intact structural integrity as revealed from CD in the 

solution. To corroborate the change in activity and binding of DNase I towards 

DNA as a function of the concentration of PEG, time resolved fluorescence 

spectroscopy study was followed. While picosecond resolved transients of EB 

intercalated to DNA upon interaction with DNase I revealed the extent of DNA 

cleavage by enzyme in presence and absence of PEG, Förster resonance energy 

transfer (FRET) studies from 8-anilino-1-naphthalenesulfonic acid ammonium 

salt (ANS) attached with DNase I to EB intercalated to DNA confirm more 

efficient binding between DNase I and DNA in presence of PEG. Further, the 

change in protein dynamics, responsible for the association of DNase I and 

DNA has been monitored by rotational dynamics as well as picosecond 

resolved transients of ANS attached to DNase I. We have also confirmed the 

enhanced activity of DNase I in presence of molecular crowding through 

conventional way of agarose gel electrophoresis in order to evaluate the 

hydrolysis of both large (calf thymus) DNA as well as for 20-mer dsDNA. 

8.2. Results and Discussion: 

8.2.1. Ultrafast Spectroscopy on DNA-Cleavage by Endonuclease in 

Molecular Crowding [26]: The kinetics of hydrolysis of the substrate dsDNA-

EB by DNase I has been measured by steady state fluorescence technique and 

is found that the rate of exclusion of the EB from DNA upon hydrolysis by 

DNase I increases gradually as the concentration of PEG increases in the 

solution. Figure 8.1.a shows that in absence of PEG the amount of residual 
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dsDNA after 300 sec is estimated to be 67%; however it reduced to 57%, 49% 

and 48% in presence of 5, 10 and 15 wt% PEG [27-29]. To calculate the rate 

constant and the maximum velocity, we have measured the kinetics at different 

substrate concentrations. Figure 8.1.b depicts the corresponding Lineweavere- 

 

 

Figure 8.1. (a) Amount of residual DNA upon hydrolysis by DNase I in the presence of 0, 5, 
10 and 15 wt% of PEG. (b) A representative Lineweavere-Burk plot for the catalytic activity of 
DNase I on the substrate DNA in presence of 0, 5, 10 and 15 wt% PEG. (c) Km for the catalytic 
activity of DNase I on the substrate DNA as a function of PEG concentrations. The plot of 
Vmax against PEG concentration is shown in the inset. 

Burk plot for different PEG concentration, where the reciprocal of the reaction 

velocity (v) is plotted as a function of the reciprocal of the concentration of 
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DNA [30]. The curves produce good linear fits for all the systems and from the 

slope and intercept of the curves, we have calculated the Michaelise-Menten 

constant (Km) and the maximum velocity (Vmax) for all the systems. The 

calculated Km, and Vmax values for the three different PEG concentrations are 

presented in Figure 8.1.c which clearly indicates that with the increase in PEG 

concentration, Vmax increases however, Km for the enzymatic activities of DNase 

I for substrate DNA decreases. These kinetic parameters reveal that molecular 

crowding influences the hydrolytic activity of the DNase I by affecting catalytic 

activity as well as its binding affinity toward the substrate DNA, indicated by 

both increase of Vmax and decrease of Km [27, 31]. 

Table 8.1. Fluorescence lifetimes of EB in different systems.  

System τ1 ns [%] τ2 ns [%] τ3 ns [%] τavg ns 

DNA 0.21 (27) 2.21 (19) 21.0 (54) 11.9 

DNA-DNase I 0.50 (36) 2.57 (35) 21.0 (29) 7.2 

DNA-PEG 0.26 (30) 2.70 (23) 20.40 (47) 10.4 

DNA-DNase I-PEG 0.51 (42) 3.24 (40) 20.30 (18) 5.2 

Water 0.47 (20) 1.68 (80) - 1.4 

PEG 0.93 (51) 3.46 (49) - 2.1 

In order to reveal whether the changes in catalytic activity induced by 

PEG are accompanied by alterations in the secondary structures of DNase I, CD 

spectroscopy were performed. As observed from Figure 8.2.a the aqueous 

DNase I solution displays CD features with minimum value at 208 and 215 nm 

(far UV-CD), corroborating the native secondary structures of the enzyme [32] 

which is observed to be insignificantly perturbed in presence of PEG, 

indicating that the secondary structure of the enzyme is preserved up to 15 

wt% PEG concentration. Inset of Figure 8.2.a symbolize the percentage of α 

strand and β sheet in free DNase I in absence and presence of 15 wt% PEG 

which remain almost same in both the cases. To gain insight about the DNA 

structure perturbation by DNase I, we have next focused on conformational 

changes of 20-mer DNA, which exhibits two characteristics peaks (inset of 
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Figure 8.2.b); one positive band around 280 nm complemented to π-π base 

stacking, and one negative band around 245 nm for hellicity [33]. Upon 

addition of DNase I the band at 280 nm was insignificantly perturbed however,  

 

 

Figure 8.2. (a) The far UV-CD (circular dichroism) spectra of DNase I at 0 and 15wt% PEG. 
Contribution of alpha strand and beta sheet at various wt% PEG is shown in inset. (b) Induced 
CD (circular dichroism) spectra of EB intercalated to DNA in 1) buffer, 2) 15 wt% PEG, 3) 
complexed with DNase I in buffer and 4) complexed with DNase I in 15 wt% PEG. CD spectra 
of 1) DNA and 2) DNA-DNase I complex are shown in inset. 

the band at 245 nm became less negative, this in turn attributed to partial B-to-

A DNA transition upon protein interaction [34]. In order to explore the 

cleavage of DNA in presence and absence of PEG, DNA was intercalated with 

EB which generated induced CD signal near 303 nm along with and increasing 

helicity peak of DNA [35] as shown in Figure 8.2.b. In presence of PEG, an 

insignificant decrease in the induced CD spectra at 303 nm was observed may 

be due to osmotic stress of PEG, while the nature of the spectra remained 

nearly unchanged, demonstrating that DNA remained in B conformation upon 

addition of PEG. When DNase I is added to the DNA-EB system, decrease in 
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303 nm spectra is observed however, a commendable variation has been 

observed when DNase I is added to DNA-EB system containing 15 wt% of 

PEG, infers that cleavage has enhanced in presence of PEG. In this light of 

understanding, altered enzymatic activity offers a unique opportunity for 

correlating the function with the dynamics. For this reason fluorescence 

spectroscopic techniques can prove useful to understand bio-macromolecular 

dynamics over a broad time scale. 

The enhanced hydrolysis (Vmax) of DNA by DNase I in presence of PEG 

is established by monitoring the picosecond resolved transients of EB 

intercalated to DNA. The significant decrease in emission intensity and red 

shift of EB emission maxima in the DNA-DNase I complex compared to EB-

DNA in buffer indicated the lowering of the contribution of EB binding to the 

DNA upon cleavage with DNase I (inset of Figure 8.3.a). Figure 8.3.a shows 

picosecond resolved transients of EB in buffer and in EB-DNA complexes in 

absence and presence of DNase I. The tri-exponential fitting of the fluorescence 

decay of EB in DNA revealing ~21 ns as major component (54%) indicates that 

most of the EB is intercalated to the DNA [36]. However, upon hydrolysis of 

EB-DNA complexes by DNase I the contribution of longer decay component 

∼21 ns (29%) decreases considerably, reflecting significant cleavage of DNA by 

DNase I in buffer solution as shown in Table 8.1. In order to investigate the 

effect of PEG in hydrolysis of DNA, picosecond resolved transients of all the 

system are studied in presence of 15 wt% PEG, shown in Figure 8.3.b. It is 

observed that the maximum population of the dye intercalated to the DNA in 

presence of PEG is slightly decreased (~21 ns (47%)) in contrast to that in DNA 

in buffer solution (~21 ns (54%)) which occurred may be due to osmotic stress 

created by PEG. The transient of EB in DNA upon hydrolysis by DNase I in 

presence of PEG shows that the contribution of a longer time component ∼21 

ns (18%) is extensively get lower than that of DNA in buffer solution (21 ns 

(29%)), corroborate the higher cleavage in presence of PEG. Inset of Figure 8.3.b 

shows the corresponding steady state emission of EB in DNA and DNA-DNase 

I complex in presence of PEG. It should be noted that decrease in emission 
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intensity and more red shift of EB emission maxima in the DNA-DNase I 

complex in presence of PEG compared to EB in DNA-DNase I complex in 

buffer revealing the further reduction of the contribution of EB binding to the 

DNA upon hydrolysis in presence of PEG. 

 

Figure 8.3. Picosecond-resolved transient of free EB, EB in DNA and in DNA-DNase I 
complex in presence of (a) 0 wt% PEG and (b) 15 wt% PEG. Insets depict the corresponding 
steady state emission of free EB, EB in DNA and in DNA-DNase I complex.  

The binding affinity and dynamics of DNase I with DNA are monitored 

by using a biologically relevant probe 8-anilino-1-naphthalenesulfonic acid 

ammonium salt (ANS) which binds selectively to the enzymes in their 

hydrophobic sites [37]. The excitation spectrum of ANS in buffer shows a peak 

at 356 nm, which remains same when formed complexed with DNase I, 

however, the emission spectrum of the ANS-DNase I complex shows a blue 

shift (60 nm) compared to that in buffer as shown in Figure 8.4.a, indicate 

interaction of ANS to the hydrophobic sites of protein. Picosecond-resolved 

transients of ANS in buffer, DNase I-bound ANS and its complex with DNA 

are shown in Figure 8.4.b. ANS in complexed with DNase I show essentially 

fluorescence decays of average time constants 8.12 ns which is much slower 
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than ANS in buffer (0.23 ns). The longer life time of ANS-DNase I is observed 

to be similar to that of the ANS-DNase I-DNA complex, revealing the fact that 

ANS molecules are not detached from DNase I upon complexation (Table 8.2). 

Further, in order to understand the effect of confinement on the fate of ANS 

bound DNase I, similarly the picosecond transient of ANS in all the systems 

were performed in presence of PEG. The average fluorescence decays time 

constants of ANS in complexed with DNase I was found to be 5.66 ns, whereas 

an insignificant change in life time of ANS-DNase I-DNA in presence of PEG 

was observed shown in Figure 8.4.c. 

Table 8.2. Fluorescence lifetimes of ANS in different systems. 

System τ1 ns [%] τ2 ns [%] τ3 ns [%] τavg ns 

DNase I 0.15 (32) 1.52 (13.4) 14.42 (54.6) 8.12 

DNaseI-DNA 0.14 (33.8) 1.32 (16.1) 13.90 (50.1) 7.22 

DNase I-DNA-EB 0.11 (39.3) 1.15 (27.3) 11.74 (33.4) 4.28 

DNase I-PEG 0.14 (32.6) 1.07 (27.2) 13.22 (40.2) 5.66 

DNase I-PEG-DNA 0.14 (35.4) 1.16 (24.4) 12.59 (40.2) 5.39 

DNase I-PEG-DNA-EB 0.13 (34.7) 0.83 (46.9) 10.85 (18.4) 2.43 

Buffer 0.23 (100) - - 0.23 

PEG 0.37 (48) 0.86 (52) - 0.63 

The intactness of ANS in DNase I upon complex with DNA has enabled 

us to carry out Förster resonance energy transfer (FRET) studies from the 

donor, ANS in DNase I, to another dye (acceptor), ethidium bromide (EB), 

intercalated in the DNA, which also corroborate the binding between enzyme 

and DNA. The significantly large spectral overlap (2.58 X 1014 M-1 cm-1 nm4) of 

the donor (ANS) emission and acceptor (EB) absorption spectra favours energy 

transfer from the donor to the acceptor as shown in inset of Figure 8.5.a. The 

picosecond resolved transient (Figure 8.5.a) of the ANS in DNase I-DNA 

complex reveals an average decay time constant of 7.22 ns and 4.28 ns in the 

absence and presence of the acceptor (EB), respectively. The efficiency of 

energy transfer and donor‒acceptor distance was calculated to be 40% and 28.7 
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Å, respectively. To gain insight into the effect of PEG in the binding between 

DNase I and DNA, we have executed the similar FRET study in presence of 

PEG. The absorption spectrum of EB bound to DNA has almost same spectral  

 

 

Figure 8.4. (a) Steady state excitation and emission spectra of ANS in buffer and in complex 
with DNase I. Time-resolved transients of free ANS, ANS bound to DNase I in the presence 
and absence of DNA are shown in presence of (b) 0 wt% PEG and (c) 15 wt% PEG.  

overlap with the emission spectrum of ANS in DNase I in presence of PEG 

(inset of Figure 8.5.b). The fluorescence transient of ANS in DNase I in 15wt% 

PEG is quenched in presence of EB interacted to DNA as shown in Figure 8.5.b 

and Table 8.2 and the efficiency of energy transfer and ANS- EB distances in 

presence of PEG is found to be 54%, and 22.9 Å, respectively. The higher 
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efficiency of energy transfer leading to shorter FRET distance in presence of 

PEG corroborates higher binding between DNase I and DNA compared to that 

in absence of PEG, which is also consistent with our kinetics studies.  

Table 8.3. Rotational time constants of ANS at the enzyme (DNase I) surface at 

various concentrations of PEG. 

System τ1 ns [%] τ2 ns [%] τavg ns 

ANS-DNase I 1.32 (11.3) 45 (88.7) 39.6 

ANS-DNase I-DNA 0.9 (14.7) 45 (85.3) 38.4 

ANS-DNase I-PEG 0.20 (66.4) 40 (33.6) 13.5 

ANS-DNase I-DNA-PEG 0.13 (70.8) 40 (29.2) 11.7 

Buffer 0.07 (100) - 0.07 

PEG 0.19 (100) - 0.19 

In order to gain insight in the basis for higher binding between DNase I-

DNA in presence of PEG, we compare the average lifetime of ANS bound to 

DNase I in presence and absence of PEG and found that the contribution of 

average time constant characteristic of ANS-DNase I adduct, decreases from 

8.12 ns in the buffer to 5.66 ns in presence of 15 wt% PEG (as shown in Figure. 

8.4.a and Figure 8.4.b). The observation is consistent with the fact that faster 

dynamics at the higher concentration of PEG suggests thinning of the 

hydration water shell around the enzyme due to decreased water activity and 

hence leads to higher binding between DNase I-DNA, which accelerates the 

hydrolysis of DNA (Scheme 8.1) [15]. Bagchi et al. earlier proposed the 

presence of at least two types of water molecules at the protein surface and 

these water molecules remain in a dynamic equilibrium with the bulk or free 

type water molecules (Water surface bound↔ Water bulk) [38, 39]. This equilibrium 

between the bound and bulk water is sensitive to the change in the 

microenvironment of the protein, e.g. temperature, pressure, additives etc. 

Hence, addition of PEG produces an osmotic stress in the hydration layer, 

which in turn shifts the equilibrium towards a less hydrated conformation and 

also increases the contribution of faster moving bulk water molecules around 

the enzyme’s surface. This explains the observed decrease in the average time 
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constant of ANS bound to DNase I with increased in PEG concentration. The 

hydration shell formed by water molecules in the close vicinity of a protein 

molecule is crucial for protein structure and folding and defines the substrate 

binding, and molecular recognition [40]. Changes in the protein hydration are 

known to be related to changes in protein catalytic activity and also have a 

 

 

Figure 8.5. Picosecond-resolved transients of the donor (ANS-DNase I-DNA complex) in the 
absence and presence of the acceptor (EB) in DNA in (a) 0 wt% PEG and (b) 15 wt% PEG. 
Insets depict the corresponding spectral overlap between donor (ANS-DNase I-DNA complex) 
emission and acceptor (ANS-DNase I with EB-bound DNA) absorbance. 

profound effect on protein conformational stability and dynamics [40-42]. As in 

our studies the changes in catalytic activity induced by PEG are not 

accompanied by change in conformation hence, in order to confirm the 

modification of the enzyme’s dynamics with the addition of PEG, we measured 

the temporal anisotropy decay, r(t), of the probe ANS bound to DNase I in 

buffer and in presence of 15 wt% PEG concentrations. ANS in buffer exhibits a 

fast single exponential rotational decay [43] (inset of Figure 8.6.a), on the other 

hand the rotational relaxation of ANS bound to DNase I and upon 
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complexation with DNA has been found to be bi-exponential with comparable 

time constant, attributing that dynamics of DNase I was insignificantly 

perturbed when it form complex with DNA (Figure 8.6.a and Figure 8.6.b). 

Further, with the addition of PEG to ANS-DNase I complex, the components of 

 

 

Figure 8.6. Time-resolved anisotropy of ANS bound to DNase I in presence of (a) 0 wt% PEG 
and (c) 15 wt% PEG. Inset shows the corresponding time-resolved anisotropy of free ANS. 
Time-resolved anisotropy of ANS bound to DNase I in the presence of DNA in (b) 0 wt% PEG 
and (d) 15 wt% PEG.  

local and global tumbling motion of probe get faster indicating a greater 

contribution from the bulk type of water molecules in the proximity of the 

probe. However, ANS is still bound to the enzyme is evident from the presence 

of a slow component which was not found in 15 wt% PEG solution without the 

enzyme as shown in inset of Figure 8.6.c and Table 8.3. Similarly when ANS-

DNase I formed complex with DNA in presence of PEG the rotational 

relaxation time constant of ANS was found to be insignificantly perturb in 

comparison to the rotational relaxation time constant of probe in ANS-DNase I 

complex (Figure 8.6.d). This observation clearly indicates that, flexibility of 

ANS attached to hydrophobic core of DNase I is much higher in presence of 
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PEG compared to in absence of PEG. It is worth mentioning that the result 

obtain from rotational dynamic of enzymes is also corroborated by time 

resolved measurement. 

 

Figure 8.7.  (a) Hydrolysis of calf thymus DNA by DNase I at 25 0C. Lane M shows the DNA 
size marker. Lanes 1, 3 and 5 show DNA in presence of 0, 5 and 15 wt% PEG. Lanes 2, 4 and 
6 shows hydrolysis by DNase I in the presence of 0, 5 and 15 wt% PEG. (b) Hydrolysis of a 
short oligonucleotide DNA (20-mer dsDNA) by DNase I at 25 0C. Lanes 1, 3 and 5 shows 
DNA in presence of 0, 5 and 15 wt% PEG. Lanes 2, 4 and 6 shows hydrolysis by DNase I in 
presence of 0, 5 and 15 wt% PEG. 

The effect of molecular crowding on the catalytic activity of DNase I was also 

analysed using agarose gel electrophoresis. Initially we examined the 

hydrolysis of larger genomic DNA (calf thymus) by DNase I at 25 0C in absence 

and presence of different PEG concentration. Before hydrolysis by DNase I the 

migration of substrate DNA in absence and presence of 5 and 15 wt% PEG 

were found to be same (Figure 8.7.a), validate PEG does not significantly affect 

the stability of DNA (lane 1, 3 and 5). Migration of bands were found to be 

faster (lane 2, 4 and 6) upon hydrolysis with DNase I with respect to substrate 

corroborate the formation of degraded product from the substrate. The 

diffused band of degraded product in absence of PEG were found to be 

smeared and of higher intensity, however, the smearing and intensity of bands 

were found to be decreased as the PEG wt% was increased corroborate the 

formation of higher degraded product from the substrate in presence of 

molecular crowding. To evaluate the effect of molecular crowding on 
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hydrolysis of short DNA using agarose gel electrophoresis, 20-mer dsDNA was 

used as a substrate shown in Figure 8.7.b. Like genomic DNA, the migration of 

 

 

Scheme 8.1. Schematic representation of the correlation between dynamics and function of 
DNase I in presence of PEG as molecular crowding. 

20-mer dsDNA was also found to be same in absence and presence of 5 and 15 

wt% PEG (lane 1, 3 and 5). Upon hydrolysis by DNase I the intensity of 

substrate DNA was decreased as concentration of molecular crowding was 

increasing (lane 2, 4 and 6). The result shows that dsDNA hydrolysis by DNase 

I was greatly enhanced by the addition of 5 and 15 wt% PEG. Overall, 

molecular crowding increases the cleavage yield of DNase I not only for the 

large DNA (calf thymus) but also for the short (20-mer) DNA oligonucleotide. 

8.3. Conclusion: Our results reveal that the enzymatic activity of DNase I 

has been increased in presence of a molecular crowding agent, PEG 3350. 

While, steady state and ultrafast time resolved spectroscopy on a florescence 

probe EB intercalated to substrate DNA reveal the hydrolysis of the substrate 

by DNase I, the spectroscopic information including picosecond resolved 

fluorescence polarization gated studies on the enzyme-bound fluorescence 

probe ANS shows enhanced surface flexibility of DNase I in the presence of 

PEG. The reduced water activity at the enzyme surface due to osmotic stress of 

the molecular crowding agent enhancing the dynamical flexibility of the 
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enzyme is concluded to increase the DNA binding eventually accelerate the 

hydrolysis reaction of DNase I. In summary the study attempts to unravel the 

molecular picture of DNA hydrolysis by an endonuclease in presence of an 

osmotic stress generating molecular crowding agent. A clear correlation of the 

flexibility of the endonuclease with the rate of DNA hydrolysis within the 

overall structural integrity of the enzyme has also been established. 
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Chapter 9 

Spectroscopic Studies on Biomolecular 

Recognition of an Enzyme in a Model Engineered 

Environment 

9.1. Introduction: Enzymes are one of the most efficient catalysts known to 

date, enhancing the rate of a biochemical reaction by several orders of 

magnitude compared to uncatalyzed reactions [1, 2]. Enzyme mediated 

catalysis is attributed to direct structural interaction between the enzyme and 

the substrate through the ‘induced fit’ [3] or the ‘conformational selection’ [4-6] 

mechanisms, emphasizing the role of protein conformational transitions from 

unbound form of the enzyme to its ligand-bound forms [7, 8]. In the induced fit 

model, the ligand first binds loosely to the protein followed by a 

conformational relaxation in the macromolecule to give the final complex 

(Scheme 9.1). As for the conformational selection model, intrinsic dynamics of 

the protein structure causes a conformational transition in the macromolecule 

prior to ligand binding from the unbound-ground state conformation to a 

higher-energy conformation, to which the ligand then binds leading to the 

formation of the final protein-ligand complex (Scheme 9.1). Thus, dynamic 

nature of the protein structure plays a crucial role in enzyme catalysis through 

molecular recognition and substrate binding [9, 10]. Water plays a critical role 

in protein dynamics, because, conformational fluctuations result in large-scale 

protein motions, which are slaved or coupled to water motions [11-13]. 

Therefore, water dynamics likely plays a major role in the enzyme catalysis. It 

has been recently shown that slow water dynamics owing to coupled protein-

water motions assist enzyme-substrate interactions leading to the formation of 

productive Michaelis complex during an enzymatic reaction [14]. In our recent 

study [15], two different pathways of molecular recognition, namely, 
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conformational selection and induced-fit mechanisms were recognized for the 

interaction of an enzyme α-Chymotrypsin with 8-anilino-1-

naphthalenesulfonic acid ammonium salt at two different pH in a microfluidic  

channel. Whereas structural flexibility of the enzyme at pH 6.3 triggered 

conformational selections, restricted protein motion at pH 3.6 prompted the 

protein to adopt an induced-fit type of molecular recognition. However, 

experimental informations on correlating water dynamics and protein 

functional motion to enzymatic turnover is sparse [16-18]. Thus, it would be an 

intriguing to explore whether the contribution of water dynamics in large-scale 

protein motions might be essential to understand molecular recognition and 

substrate binding in enzyme mediated catalysis. 

Here, we have explored the correlation between the dynamics of water 

molecules and the pathway of molecular recognition between an enzyme α-

chymotrypsin (CHT) and a substrate Ala-Ala-Phe-7-amido-4-methylcoumarin 

(AMC) in the nanoscopic domain of the cationic reverse micelles of Benzyl-n-

hexadecyldimethylammonium chloride (BHDC) and the anionic reverse 

micelles of Sodium bis (2-ethylhexyl) sulfosuccinate (AOT). We have directly 

monitored the interaction of CHT with AMC in a microfluidic channel 

equipped with a microscopic and spectroscopic attachment in conjunction with 

time-resolved fluorescence measurements of a polar fluorophore, Acedan 

(AC1), to probe the dynamics of nanoscopic water molecules confined within 

the reverse micelles. MIR FTIR spectroscopic measurements were also carried 

out to probe the structure of the water molecules confined within the core of 

the reverse micelles. From the kinetic profiles of fluorescence enhancement in 

the microfluidics channel, two distinct kinetic pathways of recognition between 

the enzyme (CHT) and the substrate (AMC) are manifest in two oppositely 

charged reverse micelles. Investigation of the kinetics of enzyme-substrate 

interactions in a microfluidic channel, in concert with FTIR and time-resolved 

fluorescence measurements, establish that modulation of the nanoscopic water 

dynamics is responsible for the manifestation of two different pathways of 
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molecular recognition in two oppositely charged reverse micelles of BHDC and 

AOT. This becomes further manifest in neutral reverse micelles of Brij-30 and 

Triton X-100. In the former, faster water dynamics aids the ‘conformational 

selection’ pathway, whereas in the latter significantly slower dynamics of 

water molecules become conducive to an ‘induced fit’ mechanism in the 

enzyme-substrate interaction. 

9.2. Results and Discussion: 

9.2.1. Modulation of Kinetic Pathways of Enzyme-Substrate Interaction in a 

Microfluidic Channel: Nanoscopic Water Dynamics as a Switch [19]: Figure 

9.1.a shows the fluorescence micrographs of the microfluidics channel in the  

 

 

Figure 9.1. The fluorescence and kinetic profile of hydrolysis of AMC catalysed by CHT are 
compared in presence of cationic (BHDC) and anionic (AOT) reverse micelles. (a) Micrographs 
of the microfluidics channel at different positions along the channel. (b) Evolution of the 
fluorescence intensity due to hydrolysis of AMC catalysed by CHT along the microfluidics 
channel (solid lines) (5% error bar). The substrate (A) and intermediate (B) concentrations are 
shown with dashed (----) and dashed-dotted lines (-...-..), respectively (5% error). 

cationic (BHDC/benzene) and the anionic (AOT/benzene) reverse micelles. 

The blue–cyan emission from the AMC–CHT complex increases along the 
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channel, because, the substrate (AMC) and the enzyme (CHT) have time to mix 

to form the AMC–CHT complex. Two distinct pathways are evident from the 

time-dependent fluorescence profiles along the microchannel (Figure 9.1.b). To 

explain the observed data, a simple kinetic scheme ABC is considered, for 

conversion of the unbound (without AMC) form of the enzyme (A) to the final 

CHT-AMC complex (C) via the intermediate (B) state of CHT with AMC, 

formed immediately following recognition. We have made two important 

approximations for the first order rate constants, k1 and k2, in the above  

 

 

Figure 9.2. Effect of the non-ionic surfactants (Brij 30) on the fluorescence kinetic profile in 
cationic (BHDC) and anionic (AOT) reverse micelles. (a) Micrographs of the microfluidics 
channel at different positions along the channel with different concentrations of non-ionic 
surfactant. (b) Comparison of normalised fluorescence intensity upon catalysis by CHT along 
the microfluidics channel at different concentration of non-ionic surfactants in cationic 
(BHDC) and anionic (AOT) reverse micelles (5% error bar). 

scheme. First of all, k1 may be approximated as a pseudo-first-order rate 

constant since the enzyme concentration (CHT) was much larger than that of 

the substrate (AMC). Secondly, the rate of the reverse reaction is assumed to be 

slow enough to consider the two consecutive reactions to be irreversible, which 
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is in agreement with a steady-state approximation for the system. As a 

consequence, the time evolution of [C] can be expressed via equation 2.67, [20]. 

Numerical fitting of the experimental data with equation 2.67 reveals 

reasonable agreement with the proposed model for the formation of an 

intermediate-state complex (B). Whereas, k1 and k2 values (Table 9.1) for the 

cationic (BHDC/Benzene) reversemicelle were found to be 180 and 23.5 s-1, 

respectively, those for the anionic (AOT/Benzene) reverse micelle are 11.9 and  

 

 

Figure 9.3. The fluorescence and kinetic profile of hydrolysis of AMC catalysed by CHT are 
compared in presence of Brij 30 and TX-100 reverse micelles. (a) Micrographs of the 
microfluidics channel at different positions along the channel. (b) Evolution of the fluorescence 
intensity due to hydrolysis of AMC catalysed by CHT along the microfluidics channel (solid 
lines). 

7.0 s-1. It is pertinent to mention that similar time constants (k1 ~ 170 s-1 and k2 ~ 

24 s-1) were also obtained for cationic (BHDC/Benzene) reverse micelle using 

another software (microcal-origin). In the cationic reverse micelle 

(BHDC/Benzene), first A transforms into B quite rapidly and B accumulates 

because it disappears slowly (k1>>k2). As the concentration of A decreases, its 

rate of transformation into B decreases as well; at the same time the rate of 
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conversion of B to C increases as more B is formed with progress in time. As 

long as k1 ≠ k2, the concentration of B decreases as shown in Figure 9.1.b. The 

kinetic signatures in the cationic RM (BHDC/benzene) indicate that the 

substrate AMC binds rapidly to an active conformation of the enzyme CHT to 

form a complex, which then undergoes structural reorganization to the final 

form of the CHT-AMC complex. This is consistent with molecular recognition 

of the enzyme by the substrate via the ‘conformational selection’ fit  

mechanism [21, 22]. From the magnitude of the pseudo-first-order reaction rate 

constant, the value of the corresponding second-order rate constant is found to 

be 1.8X107 M-1 s-1 which agrees well with that (~107 M-1 s-1) for the interaction of 

ANS with CHT at pH 6.3 [15]. The first order  rate constant, k2, for structural 

reorganization of the enzyme is also of the same order as reported (~10–100 s-1) 

earlier [15, 21]. In the case of anionic reverse micelle (AOT/Benzene), the 

pseudo-first-order rate constant, k1, is much smaller (Table 9.1) than that for the 

cationic reverse micelle and the estimated second-order rate constant is about 

1.1X105 M-1 s-1, which is consistent with weak binding interaction of AMC with 

CHT in the first stage [15, 21]. In the second step, structural reorganization is 

associated with a time constant (k2) nearly 3-fold smaller than that for the 

cationic reverse micelles. Thus, the molecular recognition pathway in the 

anionic reverse micelle of AOT involves much weaker binding interaction 

between AMC and CHT in the first step than the cationic reverse micelle, 

followed by complexation through slow structural reorganization and is 

consistent with the induced-fit mechanism [3, 15]. 

The difference in the kinetic pathways of molecular recognition of the 

enzyme (CHT) by the substrate (AMC) between the cationic (BHDC/benzene) 

and the anionic (AOT/benzene) reverse micelles is quite intriguing and 

indicates a possible role of water dynamics in dictating the mechanism of 

recognition, given that the dynamics of water molecules in the nanoscopic 

domain of the anionic reverse micelles are significantly different from that of 

the cationic reverse micelles [22, 23]. Thus, it becomes necessary to probe 

further the role of water dynamics in dictating the kinetic pathways of 
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molecular recognition between CHT and AMC. For this purpose, we have 

monitored the binding interaction of CHT with AMC in the mixed cationic 

(BHDC/Brij-30) and mixed anionic (AOT/Brij-30) reverse micelles with a non-

ionic surfactant (Brij-30), because, Brij-30 is known to modulate the dynamics 

and reactivity of water molecules within the core of the AOT-reverse micelles 

[24].  

Table 9.1. Numerically fitted kinetic parameters for enzyme-substrate interaction. 

Systems k1 [s-1] k2 [s-1] 

BHDC 180.0+ 9.0 23.5+ 1.1 

BHDC-Brij (2:1) 134.1+ 6.7 14.0+ 0.8 

BHDC-Brij (1:1) 50.0+ 3.5 12.9+ 0.9 

AOT 11.9+ 0.9 7.0+ 0.5 

AOT-Brij (2:1) 16.9+ 1.0 8.2+ 0.6 

AOT-Brij (1:1) 23.6+ 1.6 10.5+ 0.5 

Brij 30 89.7+ 7.1 11.3+ 0.7 

TX-100 12.2+ 1.0 8.34+ 0.4 

In addition, we have probed the enzyme-substrate interactions in 

neutral reverse micelles of Brij-30 (benzene) and TX-100 (cyclohexane :benzene) 

(1:1) at the same W0 value (= 8) as that for the other reverse micelles. Figure 

9.2.a displays the fluorescence micrographs of the microfluidics channel at 

different mole fractions of the non- ionic surfactant. It becomes evident from 

the changes in the kinetic profiles of Figure 9.2.b along with changes in the 

values of k1 and k2 (k1~50.0 s-1, k2~12.9 s-1) that the nature of recognition of 

AMC by CHT in the enzymatic catalysis shifts from ‘conformational selection 

fit’ in pure BHDC reverse micelles to that of the induced-fit mechanism in the 

mixed cationic reverse micelles of BHDC/Brij-30 (1:1). On the other hand, the 

change in kinetic profiles (Figure 9.2.b) as well as k1 and k2 values (Table 9.1) in 

going from pure AOT to that of mixed anionic reverse micelles (AOT/Brij-30 = 

1:1) is indicative of a shift in recognition from an ‘induced fit’ mechanism to 

that of ‘conformational selection’ in the enzyme-substrate interaction. These 
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observations led us to conjecture that modulation of the dynamics of water 

molecules upon incorporation of a non-ionic surfactant (Brij-30) likely 

modulates the kinetic pathway of molecular recognition of CHT by AMC from  

 

 

Figure 9.4. (a) FTIR absorption spectra of the OD stretch of HOD in water for reverse micelles 
at different mole fractions of Brij-30. FTIR spectrum in (b) BHDC reverse micelles (c) BHDC 
reverse micelles in presence of Brij-30, (d) AOT reverse micelle and (e) AOT reverse micelle in 
presence of Brij-30. The spectrum is deconvoluted into three Gaussian curves peaking at 2450 
cm-1 (blue), 2554 cm-1 (red) and ~2620 cm-1 (green).(f) Relative population of bound water for 
AOT (blue) and BHDC (red) as a function of Brij-30 mole fraction. 

those in the pure ionic reverse micelles. Our conjecture is further corroborated 

by an inspection of the kinetic profiles (Figure 9.3) and the rate constant values 

(k1 and k2) corresponding to enzyme-substrate interactions in the neutral 
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reverse micelles of Brij-30 and TX-100. In case of Brij-30, the kinetic profile as 

well as significantly larger k1 value (k1>>k2, Table 9.1) is indicative of the 

‘conformational selection’ fit mechanism. As for the reverse micelles of TX-100, 

the kinetic profile is distinctly different from that in Brij-30 (Figure 9.3.b) and 

the values of the rate constants (k1 and k2) are close to each other which is 

consistent with an ‘induced fit’ model for interaction of the enzyme (CHT) with 

the substrate (AMC) [3, 15]. As a consequence of the observed difference in 

molecular recognition of the substrate by the enzyme in different types of 

reverse micelles it becomes imperative to investigate both the physical 

properties and the dynamics of water molecules entrapped within the core of 

the reverse micelles.  

 

Figure 9.5. Fluorescence emission spectra of AC1 in reverse micelles (20mM) at different mole 
fractions of Brij-30 i.e. (a) BHDC reverse micelle and (b) AOT reverse micelles. Inset depicts 
the corresponding absorption spectra of AC1 in mixed reverse micelles. 
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In this regard, measurements of the OD stretching modes by FTIR 

provide information on the physical properties of water molecules entrapped 

within the core of the cationic and the anionic RMs in absence and presence of 

Brij-30. Figure 9.4.a displays the OD stretching of HOD in the cationic RM 

(BHDC/Benzene) at different mole-fractions (Xbrij) of Brij-30. Pure water shows 

an absorption peak at 2505 cm−1, which undergoes a progressive blue shift 

along with asymmetric deformation of the absorption profile when 

encapsulated in reverse micelles. The blue shift in the absorption peak is found 

to be higher in the anionic (AOT) reverse micelles than the cationic (BHDC) 

reverse micelles. In reverse micelles the FTIR absorption curves are broadened  

 

 

Figure 9.6. Time-resolved emission spectra (TRES) of AC1 in BHDC reverse micelles in 
presence of different mole fraction of Brij-30 (a) 0, (b) 0.35 and (c) 0.5. Insets display 
picosecond-resolved emission transients of AC1 at three different wavelengths. 



 

217 
 

and could be deconvoluted into three Gaussian sub-bands peaking at 2640 ± 10, 

2545 ± 5 and 2450 cm−1, respectively. The deconvolution of the FTIR spectra is 

displayed in Figure 9.4.(b-e) for pure BHDC, pure AOT as well as those in the 

presence of Brij-30. According to the ‘three states model’, the water in the 

nanoscopic domain of reverse micelles is identified as free water (FW), bound 

water (BW) and trapped water (TW) molecules [25]. The FW molecules (∼2450 

cm−1), occupying the cores of the water pool of the reverse micelles engage in 

strong hydrogen bonding interaction with the neighbouring water molecules.  

 

 

Figure 9.7. Time-resolved emission spectra (TRES) of AC1 in AOT reverse micelles in 
presence of different mole fractions of Brij-30 (a) 0, (b) 0.35 and (c) 0.5.  Insets depict 
picosecond-resolved fluorescence transients of AC1 at three different wavelengths. 

The second component peaking at ∼2545 cm−1 involves the so-called bound 

water (BW) molecules incapable of forming fully developed hydrogen bonds 

and bound to the surfactant headgroups. The third type of water molecules 
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absorbing in the high-frequency region (∼2640 cm−1) is generally dispersed 

among the long hydrocarbon chains of the surfactant molecules. The relative 

area contribution of the BW towards the total spectra are calculated and shown 

as a function of the mole fraction of Brij-30 (Figure 9.4.f). In comparison to 

BHDC, a high abundance of the BW is observed in the case of the AOT reverse 

micelles. The relative abundance of the BW decreases for AOT, while that for 

BHDC increases with increasing mole-fraction of Brij-30. The relative 

abundance of the bound water molecules and its’ variation in presence of a 

non-ionic surfactant likely affects the dynamics of water molecules within the 

reverse micelle core owing to the coupled nature of water and surfactant 

molecules [26]. 

 

Figure 9.8. (a) Solvation correlation function of AC1 in BHDC reverse micelles at different 
molar fraction of Brij-30. (b) Solvation correlation function of AC1 in AOT reverse micelles at 
different molar fraction of Brij-30. Inset depicts corresponding temporal decay of fluorescence 
anisotropy, r(t), of AC1 in BHDC and AOT reverse micelles. 



 

219 
 

In order to probe the dynamics of water molecules entrapped within the 

core of reverse micelles, time-resolved fluorescence of AC1 dye were 

monitored. Figure 9.5.a and Figure 9.5.b exhibit the steady state emission 

spectra of AC1 in the reverse micelles of BHDC and AOT, respectively. The 

fluorescence peak maximum of AC1 in pure water (~515 nm, data not shown) 

is significantly blue shifted to 424 nm and 427 nm, respectively, in the reverse 

micelles (w0 = 8) of BHDC/Benzene and AOT/Benzene, respectively. The 

observed blue shift in the cationic (BHDC/Benzene) reverse micelles relative to 

the anionic (AOT/benzene) likely originates from reduced polarity of its 

interface compared to the latter. However, upon the addition of Brij-30 to both 

BHDC and AOT reverse micelles, an insignificant shift in the emission peak 

maximum is observed.  

 

Figure 9.9. Picosecond-resolved emission transients of AC1 at three different wavelengths in 
(a) Brij 30 and (b) TX-100 reverse micelles. Time-resolved emission spectra (TRES) of AC1 in 
(c) Brij 30 reverse micelles and (d) TX-100 reverse micelles.  

Inset of Figures 9.6 and Figure 9.7 display wavelength-dependent 

fluorescence transients of AC1 in BHDC and AOT reverse micelles at different 

mole-fractions of Brij-30 at three characteristic wavelengths. The transients at 
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the blue and the red end of the steady state fluorescence spectra are 

characterized by a decay and a rise, respectively, indicating reorganization of 

the local environment around the excited state dipole of the fluorophore and is 

characterized by a time-dependent fluorescence Stokes shift (TDFSS) (Figures 

9.6 and Figure 9.7) [27-30]. The solvation correlation function, C(t), calculated 

from the TDFSS of AC1 decays (Figure 9.8) with two time constants indicats 

mediation of two types of water trajectories in the solvent relaxation. The faster 

component (τ1) may be ascribed to loosely bound water molecules, whereas, 

the longer relaxation component (τ2) likely originates from water molecules 

strongly bound to the surfactant headgroups [31]. The average  

 

 

Figure 9.10.  Solvation correlation function of AC1 in Brij 30 reverse micelles and TX-100 
reverse micelles. 

solvation time (Table 9.2) for the BHDC reverse micelle (~550 ps) is 

significantly faster than that for the AOT reverse micelle (~1630 ps) indicating 

to a significantly faster hydration dynamics in the cationic reverse micelle 

relative to the anionic reverse micelle. Upon an increase in content of Brij-30 in 

the mixed cationic reverse micelle (BHDC/Brij-30), the relaxation components 

become longer along with a significant increase in the average solvation time 

(~940 ps), whereas, in the case of mixed anionic reverse micelle (AOT/Brij-30) a 

decrease (~880 ps) is noted. A comparison of the results obtained from the 

microfluidics set up and time-resolved fluorescence measurements 

demonstrates clearly that faster hydration dynamics in the cationic (BHDC) 
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reverse micelles facilitates the mechanism of conformational selection, whereas, 

slower dynamics of water molecules in the anionic (AOT) reverse micelles aids 

the induced fit model in the kinetic pathway of recognition of CHT by AMC. 

This becomes further manifest in case of neutral reverse micelles (Figure 9.9 

and Figure 9.10, Table 9.2), where remarkably faster solvation (~1000 ps) 

facilitates ‘conformational selection’ in Brij30 and significantly slower 

dynamics of hydration (~2500 ps) aids an ‘induced fit’ mechanism for the 

enzyme-substrate interaction leading to the formation of CHT-AMC complex.  

Table 9.2. Solvation time constant of Acedan in different systems.  

Systems τ1 ns (%) τ2 ns (%) τavg ns (%) 

BHDC 0.03 (36) 0.84 (64) 0.55 

BHDC-Brij (2:1) 0.03 (41) 1.06 (59) 0.64 

BHDC-Brij (1:1) 0.11 (31) 1.33 (69) 0.94 

AOT 0.50 (03) 1.66 (97) 1.63 

AOT-Brij (2:1) 0.34 (30) 1.45 (70) 1.11 

AOT-Brij (1:1) 0.04 (15) 1.03 (85) 0.88 

Brij 30 0.05 (50) 2.06 (50) 1.04 

TX-100 0.67 (57) 5.04 (43) 2.52 

In the ‘conformational selection’ model the unbound protein must 

undergo conformational transition from inactive to active form prior to the 

eventually successful encounter with the ligand resulting in the formation of 

the final protein-ligand complex, whereas, in the induced-fit mechanism the 

ligand binds transiently to the predominant free conformation followed by a 

conformational change in the protein to give the final complex [6]. As the 

protein motions are coupled to the water dynamics, [11-13] dynamics of the 

water molecules in the reverse micelle core likely drives the conformational 

transition in the enzyme (CHT) either prior to an encounter with AMC or 

following the formation of a transient enzyme-substrate complex. In the 

cationic (BHDC) reverse micelles, faster hydration dynamics (~550 ps) drives 

fast conformational rearrangements in the unbound form of the enzyme (CHT) 
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to pre-organize it into a conformation similar to that of the CHT-AMC complex 

prior to the binding of AMC (Scheme 9.1) and hence, facilitates the 

conformational selection model for the formation of the final enzyme-substrate 

complex. On the other hand, in the anionic (AOT) reverse micelles the substrate 

(AMC) transiently binds to CHT prior to conformational rearrangements in the 

enzyme forming a transient enzyme-substrate complex owing to significantly 

slower dynamics of hydration (~1630 ps). Then slower relaxation of the water 

molecules drives conformational rearrangements in the enzyme of the transient 

enzyme-substrate complex (Scheme 9.1) resulting in the formation of the final 

enzyme-substrate complex which is consistent with the induced fit model [3]. 

Thus, faster hydration dynamics in the cationic reverse micelles leads to the 

organization of a molecular recognition event following the ‘conformational 

selection’ model, whereas, an induced fit mechanism is favored in the anionic 

reverse micelles for recognition of the enzyme by the substrate as a 

consequence of significantly slower dynamics of water molecules. 

 

Scheme 9.1.The overall schematic of the microfluidic based study: The water interactions with 
the enzyme more in BHDC reverse micelle (RM) compared to that in AOT RM eventually 
inferring conformational fitting of molecular recognition over induced fit. 

9.3. Conclusion: The kinetic signatures observed from a microfluidics 

channel demonstrate two different pathways of molecular recognition of an 

enzyme (CHT) by a substrate (AMC), viz. ‘conformational selection’ and 

‘induced-fit’ in the nanoscopic domains of two oppositely charged reverse 
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micelles. When the dynamics of nanoscopic water is fast, as in the case of the 

cationic reverse micelles of BHDC (~550 ps), it drives fast conformational 

rearrangements in the unbound form of the enzyme (CHT) to pre-organize it 

into a conformation similar to that of the bound form prior to binding of the 

substrate (AMC) and thereby, facilitates the conformational selection model for 

the formation of the final CHT-AMC complex. In the case of the anionic reverse 

micelles of AOT, the dynamics of water is significantly slow (~1630 ps), which 

aids in transient binding of the substrate (AMC) to the enzyme (CHT) prior to 

conformational rearrangements in the unbound form of CHT, ultimately 

leading to the formation of the final enzyme-substrate complex via the induced 

fit model. The role of the dynamics of nanoscopic water molecules in 

modulating the mode of enzyme-substrate interaction becomes further evident 

on three instances: firstly, in the shift of molecular recognition from ‘induced 

fit’ in pure anionic (AOT) reverse micelles to that of ‘conformational selection’ 

in the mixed anionic (1:1) micelles of (AOT/Brij-30), as the hydration dynamics 

becomes remarkably faster (~880 ps) in the latter relative to that (~1630 ps) in 

the former and secondly, when the mode of molecular recognition is shifted 

from ‘conformational selection’ in pure cationic (BHDC) reverse micelles to 

that of ‘induced fit’ in the mixed cationic (1:1) reverse micelles (BHDC/Brij-30), 

upon a significant retardation (~70 %) in the nanoscopic water dynamics. 

Finally, in neutral reverse micelles of Brij-30, for which faster water dynamics 

(~1000 ps) is found to facilitate the ‘conformational selection fit’ mechanism, 

whereas the neutral reverse micelles of TX-100 becomes conducive to an 

‘induced fit’ mechanism for recognition of the enzyme (CHT) by the substrate 

(AMC) on the account of significantly retarded water dynamics (~2500 ps). 

Taken together, our works based on a microfluidics channel and time-resolved 

fluorescence measurements, clearly demonstrates that the dynamics of 

nanoscopic water molecules acts as a switch in modulating the pathway of 

molecular recognition of an enzyme (CHT) by the substrate (AMC) within the 

core of reverse micelles.  
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